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ABSTRACT 

 

 

INVESTIGATION OF HYDROGEN PEROXIDE AND NITRIC OXIDE 

SIGNALING UTILIZING GENETICALLY ENCODED BIOSENSORS 

 

 

HAMZA YUSUF ALTUN 

 

Molecular Biology, Genetics and Bioengineering, PhD Thesis, 2024 

 

Thesis Supervisor: Prof. Dr. Mehmet Selim ÇETİNER 

 

 

Keywords: Hydrogen Peroxide, Nitric Oxide, Genetically Encoded Biosensors, 

Redox Signaling, Physiological Normoxia 

The relationship between hydrogen peroxide (H2O2) and nitric oxide (NO) is a critical 
yet complex aspect of redox biology, with significant implications for cellular signaling 
and oxidative stress-related diseases. This study aims to demonstrate this relationship 
using genetically encoded biosensors, HyPer7 for H2O2 and O-geNOp for NO, in live-
cell imaging. We developed and optimized these tools to achieve high selectivity and 
spatial resolution, addressing challenges related to simultaneous measurement of reactive 
oxygen species (ROS) and reactive nitrogen species (RNS). Our experiments 
demonstrated that cells adapted to physiological normoxia (5 kPa O2) exhibit enhanced 
antioxidant capacity and NO bioavailability compared to those adapted to hyperoxia (18 
kPa O2). Using a dual-biosensor endothelial cell line, we investigated the effects of H2O2 
production on NO dynamics and discovered that physiological normoxia conditions 
significantly improve cellular redox balance. These findings provide new insights into the 
interplay between H2O2 and NO, highlighting the importance of maintaining 
physiological O2 levels for optimal cellular function. The results also underscore the 
potential of genetically encoded biosensors as powerful tools for studying redox signaling 
in live cells, paving the way for novel therapeutic strategies targeting oxidative stress-
related pathologies. 
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ÖZET 

 

GENETİK OLARAK KODLANMIŞ BİYOENSÖRLER KULLANILARAK 

HİDROJEN PEROKSİT VE NİTRİK OKSİT SİNYALİZASYONUNUN 

İNCELENMESİ 

 

 

HAMZA YUSUF ALTUN 

 

Moleküler Biyoloji, Genetik ve Biyomühendislik, Doktora Tezi, 2024 

 

Tez Danışmanı: Prof. Dr. Mehmet Selim ÇETİNER 

 

 

Anahtar Kelimeler: Hidrojen Peroksit, Nitrik Oksit, Genetik Olarak Kodlanmış 

Biyosensörler, Redoks Sinyalleme, Fizyolojik Normoksi 

Hidrojen peroksit (H2O2) ve nitrik oksit (NO) arasındaki ilişki, redoks biyolojisinin 
kritik ancak karmaşık bir yönüdür. Bu ilişkinin hücresel sinyalizasyon ve oksidatif stresle 
ilişkili hastalıklar için önemli etkileri vardır. Bu çalışma, canlı hücre görüntülemede 
genetik olarak kodlanmış biyosensörler olan HyPer7, H2O2 için, ve O-geNOp, NO için, 
kullanarak bu ilişkiyi göstermeyi amaçlamaktadır. Reaktif oksijen türlerinin (ROS) ve 
reaktif nitrojen türlerinin (RNS) eşzamanlı ölçümüyle ilgili zorlukları ele alarak yüksek 
seçicilik ve uzamsal çözünürlük elde etmek için bu araçları geliştirdik ve optimize ettik. 
Deneylerimiz, fizyolojik normoksiye (5 kPa O2) adapte olmuş hücrelerin, hiperoksiye (18 
kPa O2) adapte olmuş hücrelere kıyasla antioksidan kapasite ve NO biyouygunluğu 
konularında daha gelişmiş seviyede olduğunu gösterdi. Çift biyosensörlü endotel hücre 
hattı kullanarak H2O2 üretiminin NO dinamiği üzerindeki etkilerini araştırdık ve 
fizyolojik normoksi koşullarının hücresel redoks dengesini önemli ölçüde iyileştirdiğini 
keşfettik. Bu bulgular, H2O2 ve NO arasındaki etkileşime dair yeni bilgiler sağlayarak, 
optimal hücresel fonksiyon için fizyolojik O2 seviyelerini korumanın önemini 
vurgulamaktadır. Sonuçlar ayrıca genetik olarak kodlanmış biyosensörlerin canlı 
hücrelerde redoks sinyallemesini incelemek için güçlü araçlar olarak potansiyelini 
vurgulayarak oksidatif stresle ilişkili patolojileri hedef alan yeni terapötik stratejilerin 
önünü açıyor. 
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CHAPTER I: INTRODUCTION 

 

 

 

Importance of Hydrogen Peroxide and Nitric Oxide in Cell Signaling 

 

 

Reactive oxygen species serving as signaling molecules in molecular biology is and 

old concept which has been investigated for a long time. Due to their reactivity these 

molecules can easily interact with the other signaling molecules or biomolecules such as 

lipids, proteins nucleic acids[1]. Interaction with these reactive molecules can lead to 

covalent, structural or activity changes over biomolecules[2]. The main interactions rely 

on the redox chemistry of molecules. Reaction between biomolecules and reactive species 

leads to redox reactions[3]. Redox reaction is an abbreviation of “reduction” and 

“oxidation” reaction.  Reduction denotes gaining electrons of a molecule and oxidation 

stands for the loss of electrons from a molecule. In molecular biology, redox reactions 

occurs through transferring radical groups to biomolecules or vice versa where 

biomolecules are oxidized when radical group interacts biomolecules form bonds[4].  

 

Redox biology studies the interaction of reactive species with biomolecules and effect 

of cellular signaling[5]. Among the reactive species, reactive oxygen species (ROS) are 

the most-studied ones. Sources of ROS are varied but they can be defined as molecular 

oxygen derived oxidizing molecules[6], [7]. There are extracellular sources such as 

chemical exposure, UV radiation, microbes and intracellular sources [8]. Formation of 

intracellular ROS molecules serve as signaling molecules for signal transduction[9]. 

Primary sources of intracellular ROS are mitochondria of the cells due to electron 
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transport chain where molecular oxygen used as an electron acceptor. Electron transfer to 

molecular oxygen leads to formation of superoxide which is highly reactive and 

superoxide rapidly eliminated via superoxide dismutase and converted to less reactive 

form of ROS, H2O2 The second major source of ROS NADPH oxidases[6]. Since many 

ROS molecules are short-lived and highly reactive, they are converted to more stable 

ROS species for example superoxide is converted to hydrogen peroxide (H2O2)[3]. 

Although H2O2 believed as dangerous molecule previously, H2O2 can act as a secondary 

messenger[10]. The key point of being harmful or being important secondary messenger 

is concentration of H2O2 inside the cell. There’s a strict control of H2O2 gradient not to 

disrupt signaling cascade that H2O2 involved[11]. Experiments showed that 100-fold 

gradient is present between extracellular and intracellular  H2O2. This gradient is 

controlled via Aquaporins (AQPs)[12]. Similar to Ca2+, H2O2 is also maintained strictly 

intracellularly[6]. There are more than 30 enzymes that are capable to increase 

intracellular H2O2[9]. These enzymes locate in different compartments of the cells which 

highlights spatial ROS signaling via H2O2 (Table 1.1). Catalase, peroxiredoxins, 

glutathione peroxidases are the enzymes mainly remove H2O2 or turn H2O2 to other 

oxidants[7], [13], [14]. They have high-rate constants towards H2O2 before it reaches 

higher concentrations.  

 

H2O2 is produced mainly dismutation of superoxide but also many oxidases are 

capable to produce H2O2. In mitochondria and locations of NADPH Oxidases(NOXs) 

H2O2 is produced[15], [16].  Understanding production or scavenging of H2O2 allows 

scientist to understand basis of redox status of a cell. 
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Table 1: Enzymes producing H2O2 in cells. 

Various enzymes were located inside different cells. Although there are more than 30 
enzymes can produce H2O2, they can initially produce superoxide than superoxide 
converted to H2O2 rapidly. Moreover, there are enzymes that are capable to produce 
superoxide as well. ER: endoplasmic reticulum, PM: plasma membrane, M: 
mitochondria, N: nucleus, C: cytoplasm, G: golgi apparatus, L: lysosome, Px: 
peroxisome, S: secreted. Table is adapted from ref. [6] 

Name Abbreviation Location O2• Production 

NADPH oxidase 4 NOX4 ER,PM, N No 

Dual oxidase 1 DUOX1 PM No 

Dual oxidase 2 DUOX2 PM No 

Superoxide dismutase [Cu-Zn] SOD1 C, N, M No 

Superoxide dismutase [Mn] SOD2 M No 

Extracellular superoxide dismutase [Cu-Zn] SOD3 PM, S No 

Xanthine dehydrogenase/oxidase XDH C, PM, S No 

D-Amino acid oxidase OXDA Px No 

L-Amino acid oxidase OXLA L No 

D-Aspartate oxidase OXDD Px No 

Amiloride-sensitive amino oxidase (copper 

containing) 
AOC1 S No 

ERO1-Iike protein-α ERO1A ER No 

ERO1-Iike protein-β ERO1B ER No 

Cytochrome P450 3A4 CP3A4 ER Yes 

Cytochrome P450 2D6 CP2D6 ER Yes 

Cytochrome P450 2E1 CP2E1 ER,M Yes 

Cytochrome P4504A11 CP4AB ER Yes 

Aldehyde oxidase AOX1 C No 

Amine oxidase (flavin-containing) A AOFA M No 

Amine oxidase (flavin-containing) B AOFB M No 

FAD-Iinked sulfhydryl oxidase ALR ALR C, M, S No 

Hydroxyacid oxidase 1 HAOX1 Px No 

Hydroxyacid oxidase 2 HAOX2 Px No 

Membrane primary amine oxidase AOC3 PM No 

Peroxisomal Ni-acetylspermine/spermidine 

oxidase 
PAOX Px, C No 

Peroxisomal acyI-CoA oxidase 1 ACOX1 Px No 

Peroxisomal acyI-CoA oxidase 3 ACOX3 Px No 

Peroxisomal sarcosine oxidase SOX Px No 

Prenylcysteine oxidase 1 PCYOX L No 

Prenylcysteine oxidase-like PCYXL S No 

Protein-lysine 6-oxidase LYOX S No 

Pyridoxine 5 '-phosphate oxidase PNPO C No 

Retina-specific copper amine oxidase AOC2 PM, C No 

Spermine oxidase SMOX C, N No 

Sulfhydryl oxidase 1 QSOX1 G No 

Sulfhydryl oxidase 2 QSOX2 N, PM, S No 

Sulfite oxidase, mitochondrial SUOX M No 
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Maintaining the concentration gradient of H2O2 is important due to its pivotal effect 

(Figure 1.1). In here, scientists provided two terms oxidative distress and oxidative 

eustress. First term is known for a long time where increase in ROS causing detrimental 

effects on biomolecules and cell signaling. Oxidative eustress is relatively novel term 

where presence of ROS at a certain level keeps homeostasis of redox signaling. Typically, 

intracellular concentration of H2O2 is around 1-10 nM range after this threshold is passed, 

cells experience oxidative stress[7], [17].  

Intracellular H2O2 concentration is maintained through a gradient between the 
extracellular and intracellular spaces, facilitated by aquaporins (AQP). At higher 
concentrations, H2O2 disrupts the cellular redox state, leading to oxidative stress over 
time. At low concentrations, H2O2 acts as a signaling molecule, but as concentrations 
increase, it triggers an antioxidant response. Prolonged exposure to elevated H2O2 levels 
results in oxidative stress and can ultimately lead to apoptosis.Adapted from ref [9]. 

 

Increase in H2O2 concentration initially affects the cysteine residues in many proteins. 

Cysteine has low pKa value, so this amino acid affected excessively via redox 

reactions[18]. Interaction of cysteine with H2O2 lead to formation sulfonate on cysteine 

residues to freely available sulfur group at cysteine[19]. Sulfenylation of cysteine 

residues causes higher reactivity of cysteine including sites such as sulfonic acid is highly 

Figure 1.1 Concentration gradient of H2O2 
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reactive which can form disulfide bonds with other molecules or neighboring cysteine 

moieties[20]. High concentration of H2O2 often lead to hyperoxidation of cysteine 

residues lead to formation of sulfinic or sulfonic acid which are irreversible changes on 

cysteine residue and signs of oxidative stress. An example to effect of cysteine 

modification on cell signaling is protein tyrosine phosphatases (PTP)[21]. They contain 

Cys residue in their active site and if oxidation occurs, they are inactivated and cell 

signaling shifts towards increased activity of protein tyrosine kinases (PTKs). If the PTPs 

are inactive PTKs takeover the cell signaling. Cysteines are important residues for 

proteins because they are mainly conserved in the active sites of proteins, and they are 

not abundant in the composition of proteins. These key residues are susceptible to redox 

reaction to maintain homeostasis in cell signaling. That’s why H2O2 is important 

messenger molecule in cell signaling due to its high activity with cysteine residues. 

Oxidative distress or eustress comes in with the gradient of H2O2 [22]. First reaction of 

H2O2 with the cysteine residues are called reversible oxidation which can modulate the 

cell signaling. However, increased amount of H2O2 or burst of H2O2 lead to irreversible 

oxidations which can disrupt cellular homeostasis. For instance, H2O2 can lead either 

survival signaling or apoptosis depending on the intracellular concentration. Transient 

activation of JNK via low concentration of H2O2 lead to activation of NF-kB signaling 

for cell survival. However, over activation of JNK via high concentration of H2O2 lead to 

apoptosis[23].  

 

In this study we mainly focused on the cell signaling part of H2O2 in endothelial cells. 

Endothelial cells are responsible for keeping the vessels intact and provide a barrier 

between blood flow and other organs. These cells are exposed to many stimuli due to their 

lining in blood flow. Among these stimuli, there are many studies involving ROS 

molecules affecting endothelial function[24].  

Endothelial nitric oxide synthase (eNOS) plays a critical role in maintaining vascular 

health by producing nitric oxide (NO) in endothelial cells, which is essential for 

regulating vascular tone[25]. Dysfunction of eNOS is a major cause of several 

cardiovascular diseases. eNOS catalyzes the conversion of L-arginine to L-citrulline, with 

NO being a byproduct of this reaction[26]. This enzyme is composed of several domains, 
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including the N-terminal oxygenase domain, the calmodulin (CaM) binding domain, and 

the C-terminal reductase domain (Figure 1.2) 

. 

eNOS has 3 domains: C-terminal reductase domain, CaM binding domain and N-
terminal oxidase domain. eNOS monomers dimerize at a point where both monomer’s 
oxidase domain contact. L-arginine and O2 is converted to L-citrulline and NO. During 
the conversion electron flow is required. Electron flows through FAD, FMN, CaM and 
finally it’s conveyed to opposing monomer’s heme group.   

 

eNOS activation requires dimerization, which is facilitated by calmodulin binding to 

the CaM binding domain. This binding is dependent on increased cytoplasmic calcium 

levels. During the conversion of L-arginine to L-citrulline, electrons are transferred 

through various cofactors to the heme center, enabling NO formation via molecular 

oxygen and oxidation reactions[27]. Key cofactors, such as nicotinamide adenine 

dinucleotide phosphate (NADPH), flavin mononucleotide (FMN), and flavin adenine 

dinucleotide (FAD), are located in the C-terminal reductase domain and interact with the 

N-terminal oxygenase domain of the opposing monomer. The N-terminal oxygenase 

Figure 1.2 Domains of eNOS and NO Production. 
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domain also contains a prosthetic heme group and binds (6R)-5,6,7,8-tetrahydrobiopterin 

(BH4), which interacts closely with cysteine residues near the heme group. Zinc supports 

the dimerization of eNOS monomers but does not participate in the catalytic function of 

eNOS[28]. 

 

The activity of eNOS is complicatedly linked to the redox state of the cell. The 

enzyme's catalytic core contains zinc thiolate residues, making it sensitive to redox 

changes. ROS can disrupt electron flow necessary for eNOS function and also ROS 

oxidize critical cysteine residues, preventing the dimerization of eNOS monomers[29]. 

In cases of eNOS uncoupling due to disrupted electron flow, eNOS can produce 

superoxide anions even oxygenase domain by itself can achieve[30]. This leads to a 

feedback loop where ROS-induced dysfunction of eNOS further increases ROS 

production. 

 

NO is a crucial gaseous signaling molecule in various physiological processes, 

especially within the cardiovascular system. Its discovery and characterization have 

significantly advanced our understanding of endothelial cell function and vascular health. 

NO can be produced for different purposes within cells. It plays a role in 

neurotransmission and can be synthesized in large amounts in response to immune 

challenges[31]. In endothelial cells, NO is produced to maintain vascular tone and 

intracellular NO concentration is around 0.1 nM ranges up to 5 nM[32]. NO is a radical 

with a very short half-life, typically only a few seconds. Before NO was identified, it was 

referred as endothelium-derived relaxation factor (EDRF). Then, it has been realized that 

EDFR is NO in mammalian cells[33]. NO diffuses into the inner lining of blood vessels, 

where it activates soluble guanylate cyclase (sGC) to produce cGMP using GTP, leading 

to the relaxation of smooth muscle cells and vasodilation of the vessel[34].  

 

The diffusion of NO can be influenced by several factors, with its bioavailability 

being the most critical. To enhance diffusion, eNOS is primarily located in the plasma 

membrane of endothelial cells. eNOS is also found in the Golgi apparatus, where its main 

function is to nitrosylate proteins that are trafficked to the Golgi for post-translational 
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modification[35]. Numerous studies have demonstrated that NO production is regulated 

by the phosphorylation of eNOS at multiple sites[36], with serine 1177 (S1177) being the 

most studied residue. The PI3K/Akt signaling pathway is one well-understood 

mechanism leading to eNOS phosphorylation and subsequent NO production[37]. 

However, some studies suggest that phosphorylation of eNOS does not always result in 

NO production, indicating that additional regulatory mechanisms are involved[38]. 

 

NO's role extends beyond normal physiological processes to include significant 

implications in pathophysiological conditions. Dysregulation of NO production and 

signaling is implicated in various cardiovascular diseases. Endothelial dysfunction, 

characterized by reduced NO bioavailability, is a hallmark of conditions such as 

hypertension, atherosclerosis, and diabetes[39]. In these diseases, oxidative stress and 

inflammation lead to a decrease in NO levels and impaired vasodilation, contributing to 

the progression of vascular damage. Superoxide formation decreases available NO due to 

reaction with NO to form peroxynitrite (ONOO- )[40]. Superoxide reaction rate with NO 

is faster than its scavenging enzyme called superoxide dismutase (SOD). There are 

studies indicating that eNOS can be protective enzyme upon oxidative stress by 

producing NO to scavenge superoxide for less damaging radical peroxynitrite. However, 

peroxynitrite interacts and oxidizes one of the cofactors of eNOS, BH4, leading to eNOS 

uncoupling[29]. Then uncoupled eNOS produces superoxide then transforms into 

oxidative stress generating enzyme. 

 

In hypertension, for example, impaired NO signaling results in increased vascular 

resistance and elevated blood pressure[41]. In atherosclerosis, reduced NO levels 

promote the development of atherosclerotic plaques by enhancing leukocyte adhesion and 

smooth muscle cell proliferation[42]. In diabetes, hyperglycemia-induced oxidative stress 

diminishes NO production, exacerbating endothelial dysfunction and increasing the risk 

of cardiovascular complications[43]. 

 

Although H2O2 has traditionally been studied as a toxic molecule, research has shown 

that it also functions as a signaling molecule. As a member of the reactive oxygen species 
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(ROS) family, H2O2 has a slower reaction rate compared to superoxide. Nitric oxide (NO) 

is produced via the activation of endothelial nitric oxide synthase (eNOS), but both eNOS 

activity and NO bioavailability can be negatively affected by ROS, including H2O2. 

However, numerous studies have demonstrated that H2O2 can activate eNOS through the 

activation of kinases such as protein kinase G (PKG), which can, in turn, activate other 

kinases like Akt to phosphorylate eNOS[44]. 

 

There are studies supporting both the inhibitory and activating effects of H2O2 on NO 

production. The intricate relationship between these two molecules remains elusive, 

largely due to the complexities of studying redox biology. Many redox-active molecules 

have short lifetimes and interact with numerous factors, making it challenging to elucidate 

their precise roles and interactions. 

 

 

Challenges in Redox Biology 

 

 

The field of redox biology is wide, encompassing the study of reactive molecules and 

their interactions with signaling pathways, proteins, and other cellular components. The 

primary challenge in redox biology is not the involvement of these molecules in various 

signaling pathways but the nature of the molecules themselves. Many redox molecules 

are free radicals, characterized by their short lifetimes and high reactivity, especially ROS 

and reactive nitrogen species (RNS). Additionally, these molecules can be harmful to 

cellular processes, necessitating the presence of an antioxidant defense system that 

rapidly eliminates free radicals or oxidized biomolecules. These swift reactions complex 

the detailed investigation of the sequential events in redox processes. 

 

Current methodologies strive to address these challenges, aiming to understand the 

biological implications of redox reactions more thoroughly. However, despite 

advancements in technology, some key reactions and signaling pathways remain elusive 

due to challenges which can be physiological and technical challenges. 
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Physiologically, ROS molecules are highly reactive and have short half-lives, making 

their capture and identification challenging. The most studied ROS molecule, superoxide, 

has a half-life measured in milliseconds[45]. While technological advancements allow us 

to resolve reactions within this timeframe, superoxide is often not freely available even 

within milliseconds due to the cellular antioxidant systems that rapidly scavenge it with 

high-rate constants[7]. This makes resolving the interactions of superoxide particularly 

difficult. Moreover, ROS molecules can produce other ROS downstream; for example, 

superoxide is rapidly converted to the less reactive H2O2 by superoxide dismutase (SOD). 

However, H2O2 can subsequently lead to the production of superoxide through 

downstream signaling events, such as the uncoupling of eNOS[46], complicating the 

dissection of ROS effects on cellular signaling. 

 

Researchers have also investigated the effects of ROS molecules, such as H2O2, on 

cells using supraphysiological concentrations[6]. While this approach is valid in certain 

contexts, such as immune reactions or inflammation[47], H2O2 functions as a signaling 

molecule at physiological concentrations, like other secondary messengers. Studies using 

high concentrations of H2O2 can yield controversial results due to the difficulty in 

mimicking physiological conditions accurately. Physiological conditions are challenging 

to determine because of the ultra-local redox hotspots within cells. For example, many 

studies administer high concentrations of H2O2 to cells to study oxidative stress signaling, 

yet intracellular H2O2 concentrations vary across different compartments even within the 

single organelle like mitochondria[7]. Consequently, local production in specific redox 

hotspots cannot be adequately investigated by supplying exogenous H2O2 both in vivo 

and in vitro.  

 

Signaling often occurs in specific cellular compartments and is relayed through kinase 

activation or transmission via less toxic species such as lipid peroxides[48]. During these 

processes, the signal is amplified, broadening the effect and making it harder to 

understand the initial activation. Additionally, many redox-related enzymes can produce 

both superoxide and H2O2. Given that superoxide is converted to H2O2 almost 
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instantaneously, investigating the local effects of ROS is challenging due to the molecular 

dynamics involved. 

 

As we transition to the technical challenges, it's important to recognize that addressing 

these physiological complexities is fundamental for advancing our understanding of 

redox biology. Technological advancements are essential to overcome these hurdles, 

enabling more precise and accurate studies of redox processes.   

 

ROS and RNS are highly reactive, making them difficult to capture and measure 

accurately. Various techniques have been developed to measure these molecules with 

precision. In our study, we focus on two specific molecules: H2O2 and NO. The primary 

technical challenges lie in the selectivity of the measurement methods. Due to the high 

reactivity of ROS and RNS, a single method can often detect multiple species 

simultaneously. For example, H2O2 can be measured using Amplex Red, a Horseradish 

peroxidase (HRP)-oxidizing substrate. However, the presence of superoxide can 

inactivate Amplex Red, complicating the measurement process[49]. These two molecules 

can coexist in a single signaling event, further challenging their selective detection. 

Another example related to NO measurement involves Diaminofluorescein (DAF), a 

fluorescent dye used for detecting NO. Intracellular ascorbic acid, homocysteine, or 

reduced glutathione (GSH) can interfere with DAF, decreasing the dye's sensitivity to the 

millimolar range, which is not a physiological concentration for NO.[50].  

 

To understand the relationship between these two molecules, a method that can be 

applied intracellularly under physiological conditions is needed. Phenylboronate probes 

can measure intracellular H2O2, but they lack sufficient sensitivity and react slowly with 

H2O2. Additionally, boronate probes react more quickly with other oxidants, such as 

peroxynitrite, necessitating the use of inhibitors to prevent the formation of peroxynitrite 

for accurate detection of H2O2, which is not suitable method to use for understanding 

H2O2 and NO relationship due to inhibitors prevent formation of NO.   

Moreover, there are methods like chemiluminescence, electron parametric resonance 

(EPR) for NO detection. However, these methods are not suitable for intracellular 
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detection of NO due to toxicity and low spatial resolution[51], [52]. These methods are 

relatively old. Biochemical methods, such as the Griess assay, are also used to measure 

NO, but they cannot directly detect cellular NO levels. There are fluorescent probes that 

can measure NO directly, such as DAF, diaminorhodamines, and metal-based NO 

sensors. However, these sensors have disadvantages, including accumulation within cells, 

lower sensitivity, and potential toxicity [50].  

 

Besides biochemical methods or chemical dyes, genetically encoded biosensors offer 

high selectivity and high spatial resolution due to their genetic encoding. Genetically 

encoded biosensors consist of two basic domains. The first domain is a reporter domain 

that includes a fluorescent protein. The second domain is a sensing domain that is 

sensitive to the analyte of interest. Genetically encoded biosensors for H2O2 detection 

rely on a dithiol switch[53], where two cysteine moieties form a disulfide bridge in the 

presence of H2O2. This switch leads to a change in the fluorescence intensity of the 

reporter domain. There are many H2O2 specific genetically encoded biosensors but HyPer 

and roGFP families were the most used ones in redox biology especially recent version 

of HyPer, HyPer7 [54] and peroxiredoxin based roGFP2[55]. 

 

For NO measurements, there are a few genetically encoded biosensors, with only one 

that can directly measure NO. Biosensors such as NOA-1, sNOOPy, and pnGFP indirectly 

measure NO levels by detecting cGMP, nitrite/nitrate, or peroxynitrite, respectively[56]. 

The geNOPs biosensor can directly measure NO due to its NO-specific sensing domain 

derived from bacteria[57].    

Genetically encoded biosensors allow high spatial resolution for short-lived 

molecules, and they are non-invasive methods concerning the side-effects of biochemical 

methods. For that purpose, we utilized these powerful tools to identify relationship 

between H2O2 and NO 
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Objectives and Scope of the Research 

 

 

The primary objective of this study is to elucidate the relationship between H2O2 and 

NO using genetically encoded biosensors. This relationship has been a longstanding 

enigma in the field of redox biology due to various technical and methodological 

challenges. Our initial aim was to develop a robust live-cell imaging method to investigate 

this relationship in real-time. 

 

Firstly, we focused on developing and optimizing imaging tools. This involved 

optimizing HyPer imaging for visualizing local H2O2 dynamics and enhancing the 

functionality of the chemogenetic tool mDAAO for mimicking localized H2O2 

production. Additionally, we aimed to refine the use of the geNOp biosensor, developed 

in our laboratory, for accurate NO detection. Next, we sought to investigate the effects of 

localized H2O2 production on NO dynamics. By utilizing mDAAO and geNOp, we aimed 

to understand the direct interaction between chronically produced localized H2O2 and NO 

in endothelial cells. After that we sought for the development of a dual-biosensor 

endothelial cell line that simultaneously expresses both HyPer and geNOp, enabling the 

concurrent measurement of H2O2 and NO for direct relationship of these molecules. We 

also recognized the need for optimizing multiparametric imaging to ensure accurate and 

reliable measurement of both analytes. This involved addressing challenges related to 

selectivity, sensitivity, and signal resolution in live-cell imaging. 

 

In order to measure these molecules under physiological conditions we showed the 

influence of ambient O2 levels. We compared the physiological O2 conditions with regular 

room air conditions while measuring H2O2 and NO using double stable cells expressing 

HyPer and geNOps. 
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CHAPTER II: OPTIMIZATIONS OF MEASURING AND PRODUCTION IN 

HYDROGEN PEROXIDE USING GENETICALLY ENCODED BIOSENSORS 

AND CHEMOGENETIC TOOLS 

 

 

 

Measuring H2O2 using HyPer biosensor 

 

In 2006, first generation of HyPer biosensor was introduced. On the basis of designing 

genetically encoded biosensors, initial design of HyPer is based on using circularly 

permuted yellow fluorescent protein (cpYFP) as a reporter domain and Escherichia Coli 

derived OxyR domain inserted in cpYFP as a sensing domain[58]. OxyR serve as H2O2 

sensitive regulatory protein. It contains two domains: H2O2 sensing domain (Regulatory 

Domain, RD) and DNA binding domain. Through genetic engineering only H2O2 domain 

is used and inserted to cpYFP. In the presence of H2O2, sensing domain causes 

conformational change due to cysteines in this domain. Then, OxyR is capable to bind 

DNA. H2O2 sensing domain of OxyR contains two specific cysteine residues in a 

hydrophobic pocket, C199 and C208[59]. Upon oxidation of C199, disulfide bridge forms 

with C208 and then conformational change occurs. Amplitude of conformational change 

is high in the flexible region of OxyR-RD residues 205-222.  This region is important 

because conformational change can lead an increase in fluorescence intensity of cpYFP. 

These residues are potential insertion site for cpYFP. Highest responsive clone of OxyR-

RD-cpYFP-OxyR-RD chimera is selected and expressed in cells. This chimera is 
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observed as ratiometric containing two excitation peaks at 420 nm and 500 nm, one 

emission peak at 530 nm wavelengths. Figure 2.1 shows the design of HyPer. 

 

Figure 2.1:First generation of HyPer oxidized in the presence of H2O2. 

HyPer biosensor contains two elements. One is reporter domain consisting of cpYFP, 
second one is sensory domain consisting of H2O2 sensitive and E.Coli derived OxyR-RD. 
cpYFP is inserted to OxyR’s 205 and 206 residues with a short amino acid linkers. OxyR-
RD contains two specific cysteine molecules in a hydrophobic pocket. Upon oxidation 
with H2O2 these two cysteines form disulfide bridge. 

Other versions of HyPer were introduced until today. After first generation of HyPer, 

a new version was developed, HyPer3. Mutations were introduced in OxyR-RD led to 

increase in dynamic range of a biosensor. By means of dynamic range, amplitude of the 

signal in response to H2O2 and also returning of a signal upon retrieval of H2O2 are 

significantly advanced[60]. This improvement allows HyPer to detect signals with a 

higher resolution. Mutation points were provided in the research article and mainly 

mutations were introduced considering dimerization interface of OxyR which affects 

conformational change of OxyR.  

Next, HyPer Red is introduced due to spectral properties of earlier versions. Many of 

the genetically encoded biosensors, including HyPer, and roGFP for redox measurements, 

have similar spectral properties and many of them contains single fluorophore mostly 

GFP. Spectrally distinct biosensors are required to monitor different analytes 

simultaneously[61]. Thus, HyPer Red is developed by changing cpYFP with red 

fluorescent protein, mApple, previously developed in Ca2+ biosensor R-GECO1[62]. 

Although dynamic range is less improved compared to HyPer3 but the performance of 

HyPer Red is comparable with previous versions. 



 30 

In 2020, latest version of HyPer was developed and called HyPer7[54]. The reason 

behind the development is older versions of HyPer are sensitive to pH changes and also, 

they are sensitive to high concentrations of H2O2. pH changes can be controlled via 

HyPer’s mutant version where C199S mutation is introduced. However, due to 

physiological strong stimuli such as cytokines or apoptosis, high concentration of H2O2 

can be present in the cell. On top of that, if cellular redox state is high, biosensor is already 

saturated, and no visible response is obtained. Thus, there is a requirement for higher 

dynamic range compared to older versions of HyPer. For the new version of HyPer, first 

sensing domain is selected from 11 bacterial species and among them OxyR-RD from 

Neisseria meningitidis was most responsive when cpYFP is inserted in position 126-127. 

In the experiments, new version of HyPer was responsive to 2 μM H2O2 in living cells. 

To overcome pH sensitivity various mutations were introduced in cpYFP and these 

mutations enhanced the brightness of HyPer around ~15-17-fold. Mutations led cpYFP 

to have identical chromophore with wild type GFP. New version HyPer is called HyPer7. 

Similar to HyPer1, Hyper7 has two excitation peaks at 400 nm and 499 nm and one 

emission peak at 516 nm enabling ratiometric imaging. In the study of HyPer7, it allowed 

scientist to determine H2O2 locally.  

 

Figure 2.2 Comparing the versions of HyPer Probes. 

From HyPer1 to HyPer7 various versions of HyPer probes were introduced. Until 
HyPer7, H2O2 sensing domain OxyR-RD derived from E.coli and subjected mutations. 
Hyper7 contains OxyR-RD of N.meningitidis. Readout, pH dependency and fold change 
(dynamic range) are compared. Latest version of HyPer is far improved than the initial 
version of HyPer within 2 decades.  
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The development and utilization of the genetically encoded biosensor HyPer have 

significantly advanced our understanding of redox signaling, offering several advantages 

such as the ability to target the biosensor to different cellular compartments, providing a 

reversible signal, diverse spectral properties, and ratiometric readouts that facilitate 

accurate concentration measurements. A notable study using HyPer7 revealed the 

existence of an H2O2 gradient between the cytosol and mitochondria, underscoring the 

crucial role of peroxiredoxins in maintaining this gradient between cellular 

compartments[63]. Additionally, an innovative study employed HyPer7 to tag the 

proteome, enabling the detection of ultra-local H2O2 changes and offering a deeper 

understanding of localized redox dynamics[64]. The genetic encoding of HyPer has thus 

paved the way for precise measurements of local redox shifts. Advancements in the 

design and application of HyPer have enhanced our ability to measure these shifts with 

increased speed and minimal disruption, thereby facilitating more detailed and accurate 

investigations into redox biology. 

 

 

Development of co-culture-based imaging method using HyPer7 in endothelial cells 

 

 

One of the key advantages of using genetically encoded biosensors is their ability to 

be precisely targeted within cells. Redox reactions, particularly those involved in 

signaling, occur in specific cellular compartments, each with a unique redox tone[7]. To 

measure local redox molecules via redox probes has some disadvantage due to factors 

such as molecular crowding and local pH variations can influence the sensitivity of 

probes, but many studies were performed to understand signaling pathways[65][66]. 

Technical limitations in visualization methods complicate the understanding of 

differential signals. For example, due to visible spectrum range, up to 3 different 

biosensors can be visualized in a simple fluorescence microscope. There are techniques 

to overcome this issue like MOSAIC[67], capable of utilizing up to 20 different 

biosensors in a single field of view, have been developed to address these issues. 

Acquiring multiple parameters in a single field of view increase and facilitates our 
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understanding in cellular signaling. Differential and simultaneous  measurement of H2O2 

necessitates the use of more than one biosensor, with each needing to be spectrally distinct 

to avoid interference. While HyPer Red and HyPer7 are spectrally distinct, their differing 

kinetics and dynamics present additional challenges[54], [61]. The broad application of 

multiparametric imaging in redox biology still requires more user-friendly 

methodologies. 

 

In this study, we aimed to investigate H2O2 signaling in endothelial cells using 

genetically encoded biosensors. We selected the EA.hy926 cell line as our endothelial cell 

model, derived from the hybridization of HUVEC and A549 cell lines, resulting in a well-

characterized and immortalized endothelial cell line. However, transient transfection 

methods proved inefficient for expressing biosensors in these cells. To address this, we 

generated a cell line stably expressing the biosensors. Genetic encoding allowed us to 

target biosensors to specific cellular compartments. Thanks to Vsevolod Belousov, the 

inventor of HyPer7, we had access to differentially targeted HyPer7 biosensors. In this 

study, we utilized cytosol-targeted HyPer7 (H.7-NES), nuclear-targeted HyPer7 (H.7-

NLS), and mitochondria-targeted HyPer7 (Mito-H.7) to investigate compartment-specific 

H2O2 signaling in endothelial cells. Using certain localization signals added to N or C 

termini of the biosensors will locate them in a specific compartment. For cytosolic 

measurement HyPer7 is tagged with C-terminal nuclear export signal (NES), H.7-NLS 

measures H2O2 in nucleus via tagging with nuclear localization signal (NLS) and for 

mitochondrial measurement COX8 tandem is added to N-terminus of HyPer7. Expression 

and localization of the HyPer7 constructs were validated. Images and plasmid designs of 

differentially located HyPer7 is shown in Figure 2.3. 
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Panels demonstrate design of plasmid, fluorescence image of EA.hy926 cell 
expressing HyPer7 for localization and real-time signals from cells expressing HyPer7 in 
response to 25 μM H2O2. First panel shows H.7 plasmids contains Hyper7 and NES(A) 
or NLS(B), signal sequence is added to C-terminal of HyPer7 to provide cytosolic or 
nuclear location respectively. For Mito-H.7 COX8 tandem is placed into N-terminal to 
provide mitochondrial location (C) Middle panel shows the representative images of 
EA.hy926 cells expressing H.7-NES (A), H.7-NLS (B), Mito-H.7 (C) respectively. 
Images obtained using 475 nm excitation light and emission is collected at 525 nm (HyPer 
High Setup). Last panel shows the real time traces of cells expressing H.7 NES (Orange 
line)  (A), H.7-NLS (Green line)  (B) or Mito-H.7 (Blue line)  (C) while 25 μM H2O2 is 
provided then withdrawn as indicated respectively.  All experiments performed in 
triplicate and 30 cells were selected for analysis in each experiment. 

Figure 2.3: Functionality of differentially located HyPer7. 
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Following the functionality tests, our objective was to develop a cell line stably 

expressing different H.7 probes due to the technical challenges associated with transient 

transfection methods[68]. For this purpose, the open reading frames (ORFs) of H.7-NES, 

H.7-NLS, and Mito-H.7 were used for molecular cloning to transfer these ORFs into 

lentiviral expression vectors. Specifically, we selected the pLenti-MP2 vector and 

replaced its ORF with the H.7 sequences. After verifying the molecular cloning, the 

resulting plasmids were designated as pLenti-H.7-NES, pLenti-H.7-NLS, and pLenti-

Mito-H.7, respectively. To produce lentivirus carrying the H.7 ORFs, we employed a 

second-generation lentivirus production system. This system utilizes three plasmids for 

the transfection of HEK293 cells. The first plasmid, known as the packaging plasmid, 

contains the ORFs of gag and pol. The second plasmid, termed the envelope-encoding 

plasmid, contains the ORFs of the HIV envelope protein VSV-G. The third plasmid, the 

transfer plasmid, contains the ORFs of the H.7 probes. This setup ensures efficient 

production of lentivirus capable of stable integration and expression of the H.7 probes in 

target cells (Figure 2.4).  

Each Hyper ORFs cloned into transfer plasmids. Along with packaging and envelope 
plasmids HEK293 cells are transfected individually. After 48-72h lentiviral particles for 
each HyPer construct are harvested and transduced to EA.hy926 cells.  

 

Figure 2.4:Production lentivirus encoding HyPer Constructs. 
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After obtaining the lentiviral particles, EA.hy926 cells were transduced, and the 

expression of each HyPer probe was routinely monitored using a fluorescence 

microscope. Positive cells were observed 24-72 hours post-transduction. To select the 

positive cells, fluorescence-activated cell sorting (FACS) was employed. We selected the 

top 30% of expressing cells rather than isolating a single clone to achieve a variable 

population.  

 

We successfully obtained EA.hy926 cells individually expressing HyPer constructs 

in the cytosol, nucleus, and mitochondria. To investigate the H2O2 dynamics in each 

compartment individually, our lab developed a strategy to co-culture all cell types equally 

within a single field of view. Conducting individual experiments for each compartment 

would be time-consuming and result in non-identical conditions for the cells. Therefore, 

to visualize all three compartments under identical conditions, EA.hy926 cells expressing 

H.7-NES, H.7-NLS, and Mito-H.7 were mixed equally before seeding the plate for 

experiments. Under the fluorescence microscope, the cells were visualized, and an equal 

mixture of cells was observed. The number of cells expressing differentially localized H.7 

was not significantly different (Figure 2.5A and B, respectively). 

(A) EA.hy926 cells stably expressing H.7-NES, H.7-NLS and Mito-H.7 were equally 
mixed for experiments. Representative image of co-cultured cells under fluorescence 
microscope visualized using 20x objective (B) Bar plot demonstrates average number of 
cells expressing H.7-NES (Orange bar), H.7-NLS (Grey bar) and Mito-H.7(Blue bar) in 
different fields of view (n=3). Data presented as mean ± SEM. For statistical significance 
one-way ANOVA and Tukey’s multiple comparison posttest applied to compare each 
column.  

 

Figure 2.5: Visualizing differentially located HyPer7 in a single field of view. 
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Co-culturing EA.hy926 cells expressing differentially localized HyPer7 resulted in an 

equally mixed population, with no artifacts observed in the fluorescence images. During 

the experiments, our initial aim was to measure basal H2O2 levels by comparing the basal 

ratios of HyPer7. The basal ratio is calculated by taking the ratio of HyPer7 signals under 

resting conditions without the addition of any chemicals. Cells under identical conditions 

showed similar basal ratios, except for the mitochondrial basal ratio, which was lower 

compared to other compartments (Figure 2.6A). Furthermore, variations in the basal ratio 

were observed in all compartments, with the mitochondria exhibiting the highest 

variations, as indicated by the standard deviation error bars (Figure 2.6A). Mitochondria 

are one of the most active compartments in terms of redox reactions, which may result in 

high variations between different cells. This underscores the potential redox variations 

that can occur between different cellular compartments. 

Subsequently, we investigated H2O2 dynamics by providing H2O2 extracellularly. 

Extracellular provision of H2O2 demonstrates the kinetics of H2O2 entry into the cell. 

Initially, a low concentration of H2O2 was provided to the cells and then withdrawn. After 

a certain period, a second provision of 500 μM H2O2 was administered to observe the 

signals in different compartments in response to low or high concentrations of H2O2 

(Figure 2.6B). Providing a low concentration of H2O2 elicited a robust response in each 

compartment. However, the fold change in the HyPer7 response was higher in the 

mitochondria compared to other compartments indicating that H2O2 is trafficked more 

towards mitochondria (Figure 2.6C). When the cells were challenged with a high 

concentration of H2O2, the nuclear and cytosolic responses were similar, but the 

mitochondrial response was higher (Figure 2.6D). This could be due to mitochondrial 

H2O2 levels not returning to their basal levels before providing H2O2. 
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(A) Bar plot represents basal ratio of EA.hy926 cells expressing H.7-NES (orange 
bar), H.7-NLS (grey bar) and Mito-H.7 (blue bar) under resting conditions. Data 
presented as mean ± SD, one-way ANOVA and Tukey’s multiple comparison test applied 
to compare all columns. p-values are indicated on top of the bars if p-value < 0.05. (B) 
Traces indicate Hyper7 signals of cells expressing H.7-NES (orange line), H.7-NLS (grey 
line) and Mito-H.7 (blue line). Cells were provided with 25 μM and 500 μM H2O2 as 
indicated after each provision H2O2 was removed by changing the imaging medium 
(n=3). (C) Bar plot represents HyPer7 ratio fold change of cells expressing H.7-NES 
(orange bar), H.7-NLS (grey bar) and Mito-H.7 (blue bar) upon provision of 25 μM H2O2 
or (D) 500 μM H2O2 . Data presented as mean ± SEM, one-way ANOVA and Tukey’s 
multiple comparison test applied to compare all columns. p-values are indicated on top 
of the bars if p-value < 0.05 (n=3) 

 

After understanding the redox variations in different cellular compartments, including 

the amplitude of the signals and the initial redox state of the cells, the next step in our 

experimental system was to compare the redox kinetics of each compartment. Analyzing 

the live-cell imaging data provided insights into the rate at which H2O2 entered each 

Figure 2.6: Extracellular application of H2O2 demonstrated localization 
specific redox responses. 



 38 

compartment and how quickly H2O2 was scavenged. The scavenging rate of H2O2 is a 

crucial indicator of the redox tone of a cellular compartment. 

 

Using our experimental setup, we obtained fluorescence images every three seconds. 

This time resolution allowed us to pinpoint the entry of H2O2 into each compartment 

accurately. Surprisingly, upon provision of 25 μM H2O2, mitochondria were the first 

compartment to encounter H2O2, as evidenced by the initial fluorescence signals. This 

rapid response in mitochondria may be attributed to their high metabolic activity and 

dynamic redox environment. In contrast, when 500 μM H2O2 was provided, all 

compartments responded similarly, indicating a more uniform distribution of H2O2 at 

higher concentrations (Figure 2.7A and B). 

 

Investigating the kinetics of each HyPer probe provided valuable information about 

the entry and scavenging rates of H2O2. For the initial entry, we compared the rate of 

HyPer7 ratio changes in each compartment. The results demonstrated that 

mitochondrially located HyPer7 captured H2O2 more quickly compared to other 

compartments (Figure 2.7C). Nuclear entry was slower compared to cytosolic entry, but 

the difference was not statistically significant. This can be hypothesized based on the 

close-up signals (Figure 2.7A), where the initial signals were observed in Mito-H.7. 

Following the withdrawal of H2O2, compartment-specific H2O2 scavenging proteins 

would act to eliminate H2O2. To understand the reversal kinetics, we analyzed the rate of 

decrease in H.7 signals for each compartment. The removal of H2O2 from mitochondria 

was significantly faster compared to other compartments. Nuclear removal was slower 

compared to cytosolic removal, though not significantly different (Figure 2.7D). 

Additionally, the removal of H2O2 was much slower compared to its entry, indicating a 

distinct difference in the dynamics of H2O2 handling within cellular compartments. 
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(A) Close-up curves in Figure 2.6B in the presence of 25 μM H2O2. Time points represent 
H.7-NES (orange line with dots), H.7-NLS (grey line with dots), Mito-H.7 (blue line with 
dots) responses. Time scale represents 3s. (B) Close-up curves in Figure 2.6B in the 
presence of 500 μM H2O2. Time points represent H.7-NES (orange line with dots), H.7-
NLS (grey line with dots), Mito-H.7 (blue line with dots) responses. Time scale represents 
3s. (C) Bar plot represents rate of change in HyPer ratio when cells challenged with 25 
μM H2O2. Bars represent average increase rate of HyPer signals in cells expressing H.7-
NES (orange bar), H.7-NLS (grey bar) and Mito-H.7(blue bar). (D) Bar plot represents 
rate of change in HyPer ratio after withdrawal of 25 μM H2O2. Bars represent average 
decrease rate of HyPer signals in cells expressing H.7-NES (orange bar), H.7-NLS (grey 
bar) and Mito-H.7(blue bar). Data presented as mean ± SEM, one-way ANOVA and 
Tukey’s multiple comparison test applied to compare all columns. p-values are indicated 
on top of the bars if the p-value < 0.05 (n=3) 

 

 

 

 

Figure 2.7: Kinetics of HyPer7 signals in different compartments. 
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In two decades, HyPer is developed and final HyPer probe is called HyPer7. This 

probe is highly selective and sensitive for H2O2 to monitor intracellular H2O2 

dynamics[54]. The application of genetically encoded HyPer7 biosensors has 

significantly advanced our understanding of compartment-specific H2O2 dynamics in 

endothelial cells.  By co-culturing EA.hy926 cells expressing differentially localized 

HyPer7, we prepared an equally mixed population, allowing for accurate comparisons 

across cellular compartments without the introduction of artifacts (Figure 2.5). Initially, 

measurements of basal H2O2 levels revealed that while the cytosolic and nuclear 

compartments displayed similar basal ratios, the mitochondrial basal ratio was notably 

lower and exhibited greater variability (Figure 2.6). This is expected while considering 

the mitochondria's role as a primary site for redox reactions, which essentially results in 

higher fluctuations in redox state compared to other compartments. Moreover, we 

provided extracellular H2O2 at low and high concentrations yielded highest amplitude of 

response in mitochondria as well in live-cell imaging experiments.  

 

Our investigation into the redox kinetics of each compartment using live-cell imaging 

provided further insights into the dynamics of H2O2 entry and scavenging. The temporal 

resolution of our imaging setup, capturing fluorescence signals every three seconds, 

allowed us to precisely monitor the rate of H2O2 entry. Upon provision of 25 μM H2O2, 

mitochondria were the first to show a response, indicating a rapid influx of H2O2 (Figure 

2.7). This rapid response could be attributed to contact points of mitochondria with 

plasma membrane[69]. In contrast, when a higher concentration of 500 μM H2O2 was 

administered, the responses across all compartments were similar but mitochondria 

response was faster. This suggests a more uniform distribution of H2O2 in cellular 

compartments at elevated levels. Thus, we cannot distinguish redox differences using 

high concentrations of H2O2 in further redox studies. 

 

Analyzing the kinetics of HyPer7 probes provided crucial information about the rates 

of H2O2 entry and scavenging in different compartments. The mitochondrially localized 

HyPer7 captured H2O2 more quickly than the nuclear and cytosolic HyPer7. This 

observation was supported by the initial signals recorded in close-up graphics, which 

showed a faster response in Mito-H.7. As we mentioned earlier this can be due to contact 
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points of mitochondria with plasma membrane which facilitates communication and 

signaling between these parts of the cells [69]. There are studies that demonstrate 

mitochondria has contacts with endoplasmic reticulum (ER) via mitochondria-ER cortex 

anchor protein (MECA) also mitochondria have contacts with caveolae which is 

invagination of plasma membrane where many signaling events occur [70].  Additionally, 

the rate of H2O2 scavenging differed significantly among compartments. Mitochondria 

exhibited the fastest H2O2 removal, followed by the cytosol and then the nucleus. The 

removal of H2O2 was generally slower than its entry, highlighting the distinct kinetics of 

H2O2 handling within cellular compartments. 

 

These findings underscore the importance of compartment-specific redox dynamics 

in cellular signaling and stress responses. The rapid uptake and removal of H2O2 in 

mitochondria reflect their crucial role in redox homeostasis and oxidative stress 

management. The observed differences in kinetics also suggest that mitochondria have a 

more robust system for managing H2O2 levels, which may be essential for their function 

as cellular powerhouses and sites of intense metabolic activity. Production of H2O2 in 

mitochondria is higher due to superoxide formation during electron transport in ETC. 

However, there is specific enzyme located in mitochondria to scavenge H2O2 like 

peroxiredoxin 3 (Prx3) and peroxiredoxin 5(Prx5) to maintain H2O2 balance[71]. Unlike 

entering of H2O2, mitochondria are also responsible for trafficking H2O2 outside of the 

mitochondria such as cytosol, nucleus or plasma membrane[72]. High redox activity in 

mitochondria necessitates fine-sequestering of H2O2 between compartments to prevent 

disruption of redox signaling. 

 

The experimental approach of co-culturing cells expressing differentially targeted 

HyPer7 biosensors allowed us to observe redox events under identical conditions, 

providing a more accurate representation of intracellular H2O2 dynamics. This method 

overcomes the limitations of individual compartment experiments, which can introduce 

variability due to differing experimental conditions. 
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Overall, the use of genetically encoded HyPer7 biosensors has provided new insights 

into the compartmentalized nature of redox signaling within endothelial cells due to 

spatiotemporal resolution capability. Understanding these dynamics is critical for 

elucidating the roles of H2O2 in cellular function and pathology, and for developing 

targeted therapeutic strategies to modulate redox states in specific cellular compartments. 

 

 

Local production of H2O2 utilizing chemogenetic tool called mDAAO 

 

 

Redox signaling occurs in various locations within the cell, with redox molecules such 

as H2O2 acting as signaling agents to relay redox changes. However, the concentration of 

these molecules is tightly regulated to prevent unnecessary signaling events, as elevated 

levels can be detrimental to cells[22]. H2O2, a relatively stable ROS and signaling 

molecule, has traditionally been studied by providing it extracellularly. However, there is 

an approximately 100-fold gradient between intracellular and extracellular H2O2 

concentrations[6]. To observe the effects of H2O2, scientists often use supraphysiological 

concentrations, which may not accurately reflect physiological conditions.  Enzymes that 

produce ROS, including H2O2, are localized in specific cellular compartments and 

generally do not exert widespread effects[6]. Local production of H2O2 initiates redox 

signaling by modifying critical cysteine residues on proteins, leading to their activation 

or inhibition in signaling cascades, thereby relaying the redox signal[73]. 

 

Providing extracellular H2O2 has some relevance in studying ROS signaling, 

particularly in contexts such as inflammation[47]. However, to study redox homeostasis 

within specific organelles, such as mitochondria, spatial production of H2O2 is required. 

Extracellular provision of H2O2 can have systemic effects, influencing cytosolic and 

membrane-related redox mechanisms and potentially causing contradictory results 

between studies[74][75]. Therefore, dissecting the local production of H2O2 necessitates 

technical or pharmacological tools. While pharmacological tools can be effective, they 
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often rely on inhibiting or activating specific pathways, which lacks the precision of 

controllable ROS production[76]. 

 

To generate H2O2 various techniques presented and categorized as chemogenetic or 

optogenetic. Term genetic in these categories represents genetic encoding of these tool. 

Utilizing genetic encoding, these tools can be targeted various compartments of the cell 

using localization signals. Chemo- term represents chemical production of H2O2 and 

Opto- term represents production of H2O2 using light energy. In chemogenetic tools, 

mainly enzyme’s specific substrate is provided to produce H2O2 but in optogenetic tools 

this is different. Activation of optogenetic protein is aided by light energy. Also, 

optogenetic tools are mainly produces superoxide due to electron transfer from protein to 

molecular oxygen but SOD tethering to these proteins results in production of H2O2. 

Glucose oxidase (GOX), D-amino acid oxidase (DAAO) enzymes can be used to produce 

H2O2 chemogenetically [77]. KillerRed is an optogenetic tool produces superoxide upon 

light exposure. When KillerRed coupled with SOD1, upon light exposure this chimera 

produces H2O2 due to high reactivitiy of SOD towards superoxide [78]. Among these 

tools, glucose oxidase (GOX) catalyzes the oxidation of D-glucose to form D-glucono-δ-

lactone (GDL) [79]. During this process, FAD acts as an electron carrier, ultimately 

transferring electrons to O2, which is then reduced to H2O2. Similarly, D-amino acid 

oxidase (DAAO) catalyzes the conversion of D-amino acids to pyruvate[80]. This 

reaction also involves electron transfer, resulting in the formation of H2O2 as a byproduct. 

In the case of KillerRed-SOD1, light induction triggers the capture of electrons by O2, 

producing superoxide. SOD1, which has high reactivity towards superoxide, then 

catalyzes its conversion into H2O2. 
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Chemogenetic tools require substrate to catalyze their reactions. During these reactions 
H2O2 forms as a byproduct. For optogenetic production light induces formation of 
superoxide. Then enzymatic activity of SOD convert superoxide to H2O2 

 

Both chemogenetic and optogenetic methods for generating H2O2 enable localized 

ROS signaling. Chemogenetic tools offer controlled H2O2 production through the 

addition or withdrawal of specific substrates. Furthermore, the reactions catalyzed by 

chemogenetic enzymes should not interfere with normal cellular processes. Optogenetic 

tools, on the other hand, use light to provide precise control of H2O2 production, typically 

through laser application. However, light penetration is limited in thicker samples, which 

restricts the use of optogenetics in certain contexts. Therefore, chemogenetic tools can 

have broader applications due to their versatility and ease of use in a variety of sample 

types. 

Figure 2.8: Tools can generate H2O2 intracellularly 
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In our study we decided to use DAAO enzyme as chemogenetic tool. Moreover, 

recent years this enzyme is used to produce local H2O2 to understand different signaling 

pathways. Although using the DAAO is advantageous, there are parameters to be 

consider. For that reason, we have started to fine-tune enzyme parameters. Initially, we 

needed to develop a system where DAAO produces H2O2 and measured with HyPer7 

(Figure 2.9) 

DAAO generates H2O2 as a by-product of D-amino acid catalysis. H2O2 produced via 
DAAO can be visualized using HyPer7 probe in which H2O2 oxidize HyPer7 and turn on 
fluorescence. 

 

After establishing our system, we wanted to investigate certain parameters for DAAO 

enzyme. Initially, experiments performed by our lab demonstrated that DAAO is 

stereospecific. Only D-Alanine (D-Ala) did produce robust HyPer7 response but not L-

Alanine (L-Ala) [81]. From that point we decided to use mutant version of DAAO called 

mDAAO. mDAAO contains several mutations to improve catalysis of DAAO enzyme. 

To dissect localized enzyme kinetics, we initially co-transfect differentially localized 

mDAAO and HyPer7 to establish our generate and detect system. For that purpose, using 

molecular cloning techniques we fused mDAAO with mCherry to ensure correct 

localization. Then we developed constructs that have localization signals for 

mitochondria (Mito-mCherry-mDAAO), cytosol (mCherry-mDAAO-NES) and nucleus 

(mCherry-mDAAO-NLS). These constructs were co-transfected with corresponding 

HyPer7 construct. Such as mCherry-mDAAO-NLS co-transfected with H.7-NLS to 

measure H2O2 at production site. HEK293 cells co-transfected with these constructs and 

visualized under high-resolution microscope to ensure correct localization (Figure 2.10) 

Figure 2.9: Generation and detection of H2O2 via DAAO and HyPer7. 
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 (A) Cells expressing H.7-NES (left), mCherry-mDAAO-NES (middle), and an overlay 
with the bright field (right). (B) Cells expressing H.7-NLS (left), mCherry-mDAAO-NLS 
(middle), and an overlay with the bright field (right). (C) Cells expressing Mito-H.7 (left), 
Mito-mCherry-mDAAO (middle), and an overlay with the bright field (right). Scale bar: 
20 μm.  

 

Ensuring the correct localization of both mDAAO and HyPer7 was crucial for 

understanding their behavior within the cell. By targeting mDAAO and HyPer7 to 

specific cellular compartments, we could accurately study compartment-specific redox 

dynamics. Upon providing D-Ala to cells expressing differentially localized mDAAO, 

we observed a robust response in each compartment. Moreover, we studied different 

kinetics of the enzyme for each compartment such as EC50 value using different 

Figure 2.10: Fluorescence images of differentially localized HyPer7 (H.7) and 
mDAAO in HEK293 cells 
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concentrations of D-Ala [81].This confirmed that the enzymatic activity of mDAAO and 

the subsequent production of H2O2 were effectively compartmentalized, allowing us to 

investigate the localized redox signaling with high precision. 

 

To investigate the versatile response of mDAAO to various amino acids, we provided 

chemically distinct D-amino acids, such as polar (D-serine), hydrophobic (D-alanine, D-

phenylalanine, D-valine, and D-tryptophane), charged (D-arginine), and sulfur-

containing (D-cysteine and D-methionine) amino acids. Each amino acid was 

administered at a concentration of 1 mM. To assess the differences in amino acid catalysis, 

we co-transfected HEK293 cells with mCherry-mDAAO and HyPer7. The results 

indicated that D-methionine was catalyzed the fastest, while D-valine was catalyzed the 

slowest by mDAAO [81]. Additionally, we investigated the competition between D-

alanine (D-Ala) and L-alanine (L-Ala) during cellular entry. When cells were exposed to 

an equal concentration mixture of D-Ala and L-Ala, the response was slower compared 

to the response with the same concentration of D-Ala alone. This result indicates that 

there is competition between D- and L-amino acids at the level of cellular entry [81]. 

 

Additionally, we investigated the performance of mDAAO in different cell lines. Cell 

lines were co-transfected with mDAAO and HyPer7, and their responses were examined 

upon the addition of 1 mM D-Ala or D-Met. The results indicated that HEK293 cells were 

the most responsive to D-amino acid addition, while U87-MG and EA.hy926 cells were 

the least responsive. Therefore, optimization is necessary before using mDAAO in any 

cell line to ensure effective performance [81]. 

 

Another important aspect of local redox manipulation is the requirement of O2, as 

ROS formation depends on the presence of oxygen. Previous studies have demonstrated 

that mDAAO performs better under low O2 and low D-amino acid conditions[82]. To 

investigate this, we designed an experimental setup to study mDAAO performance under 

low O2 conditions. Our setup included a hypoxia chamber equipped with an O2 sensor 

and an airtight lid to monitor and ensure the maintenance of low O2 levels (Figure 2.11A). 

To achieve low O2 conditions, we purged the hypoxia chamber with N2 gas for an 
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extended period until the desired conditions were met. Due to the low volume of the 

hypoxia chamber, O2 levels dropped significantly within a short time. Prior to conducting 

experiments, we purged the chamber with N2 gas for 2 hours. Additionally, the 

experimental media was bubbled with N2 gas for at least 2 hours to remove dissolved O2. 

During incubation and experimentation, we continuously supplied N2 gas and monitored 

O2 levels to maintain the hypoxic environment (Figure 2.11B) 

(A) The 3D-printed hypoxia chamber includes inlets and outlets for medium and gas flow, 
a perfusion chamber for cells, an O2 sensor to monitor oxygen levels during incubation 
and experimentation, and an airtight glass lid to maintain an isolated environment. (B) 
The graph represents O2 levels obtained via the O2 sensor inside the hypoxia chamber. 
After purging the chamber with N2 gas, it was maintained under N2 flow for 2 hours of 
incubation. During the experiment, the N2 gas flow continued to keep the hypoxia 
chamber under low O2 conditions. The black line shows O2 levels during experiments 
with cells expressing DAAO, and the red line indicates O2 levels during experiments with 
cells expressing mDAAO  

 

After setting up the hypoxia chamber, we investigated the performance of DAAO and 

mDAAO under both room air conditions and low O2 conditions. First, we examined the 

effect of O2 on cells expressing mDAAO. Under room air conditions, mDAAO-

expressing HEK293 cells catalyzed D-Ala faster compared to low O2 conditions. 

Although the enzyme performed robustly in both conditions, the presence of O2 

significantly affected the kinetics of mDAAO (Figure 2.12A). 

 

Figure 2.11: Hypoxia Chamber Design and Oxygen Levels Monitoring. 
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Next, we compared the performance of DAAO and mDAAO under low O2 conditions. 

Provision of 10 mM D-Ala elicited a robust response in both DAAO- and mDAAO-

expressing cells. As a positive control, we provided 100 μM H2O2 extracellularly (Figure 

2.12B). The responses of HyPer in the presence of extracellular H2O2 were similar, but 

the responses to D-Ala differed in terms of kinetics (Figure 2.12C) and the amplitude of 

HyPer signals (Figure 2.12D). Under low O2 conditions, mDAAO catalyzed D-Ala faster 

than DAAO, as indicated by the rate of change in HyPer signals. Additionally, mDAAO 

produced more H2O2 compared to DAAO under low O2 conditions, by comparing the 

amplitude of HyPer signals. 

(A) Traces represent average HyPer ratios of HEK293 cells expressing mDAAO 
under room air conditions (blue line) or low O2 conditions (red line) in response to 1 mM 
D-Alanine provision. (B) Graphic demonstrates average HyPer signals of HEK293 cells 
under low O2 conditions expressing mDAAO (red line) or DAAO (black line) in response 
to 1 mM D-Alanine and 100 μM of H2O2 (C) Bar graph represents rate of change in 
HyPer ratios of cells expressing mDAAO (red bar) or DAAO (black bar) in response to 
10 mM D-Ala under low O2 conditions. (D) Bar graph represents maximum responses of 
cells expressing mDAAO (red bar) or DAAO (black bar) in response to 10 mM D-Ala 
under low O2 conditions. Data presented as mean ± SEM, Student’s t-test applied to 
understand significant differences. p-values are indicated on top of the bars if the p-value 
< 0.05 (n=3) 

 

Figure 2.12: Comparison of performances of mDAAO and DAAO under 
different oxygen conditions. 
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In this study, we investigated and demonstrated how parameters can be fine-tuned to 

use chemogenetic tool, mDAAO, efficiently. First, we established generate and detect 

system using genetically encoded biosensor HyPer (Figure 2.9). Next, mDAAO is 

expressed in different compartments of the cell then the performance and kinetics of 

differentially located mDAAO is investigated (Figure 2.10). Moreover, we provide 

insights about different D-amino acid substrates, and we demonstrated performance of 

mDAAO in various cell lines. Additionally, we compared the usage of O2 by mDAAO 

and DAAO (Figure2.12). Previously it has been shown that mDAAO performs better 

under low substrate and low O2 conditions. We took this further by designing hypoxia 

chamber to study low O2 conditions (Figure 2.11). We demonstrated that O2 has effect on 

performance of mDAAO and also mDAAO outperforms DAAO in terms of production 

kinetics and production amplitude of H2O2 under low O2 conditions (Figure 2.12).

  

 

Concluding Reflections on Measuring and Production of Local H2O2 

 

 

In this chapter, our aim was to understand and optimize local redox signaling through 

the precise measurement and production of H2O2 using genetically encoded biosensors 

and chemogenetic tools. Using genetic encoding we are able to target biosensors or 

enzyme to compartments of the cells. Here we provide an initial targeting by simply using 

the most used targeting signal peptides for HyPer and mDAAO such as nuclear export 

signal (NES), nuclear localization signal (NLS) and mitochondrial localization signal 

(COX8). For HyPer we developed an imaging method to understand local redox 

dynamics and for mDAAO we fine-tuned certain parameters before mDAAO is applied 

to study mimicking local redox signaling. 

 

The advancements in the HyPer biosensor have significantly enhanced our ability to 

monitor compartment-specific H2O2 dynamics with high sensitivity and accuracy. 

Besides, there are other H2O2 biosensors for local detection, but we decided use HyPer7 

biosensor due to prior establishment of our experimental setup on HyPer biosensor.  The 
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development of HyPer7, which overcomes limitations of earlier versions such as pH 

sensitivity and amplitude of response towards H2O2, has allowed us to study localized 

H2O2 changes more effectively due to its sensitivity which is in nanomolar range 

intracellularly. When we target HyPer7 to different cellular compartments (cytosol, 

nucleus, and mitochondria) in EA.hy926 cells, we could measure basal H2O2 levels and 

observe compartment-specific responses to extracellular H2O2. This imaging method 

allowed us to monitor all three compartments within same field of view which provides 

identical experimental conditions for the cells expressing either H.7-NES, H.7-NLS and 

Mito-H.7.  Besides establishing an imaging method, our findings demonstrated the 

dynamic nature of mitochondrial redox signaling, with mitochondria exhibiting rapid 

H2O2 uptake and removal, indicating their crucial role in redox homeostasis and oxidative 

stress management. It was unexpected for us to see mitochondria is the first compartment 

that responds extracellular H2O2 unlike cytosol but there are studies showing that 

mitochondria have contact points with plasma membrane especially at caveolae or 

ER[69], [70]. Also, previous studies highlighted AQPs which facilitates transport of H2O2 

to different compartments from extracellular sources[12]. In addition, 

compartmentalization of ROS is a well-known phenomenon. These results highlight the 

importance of mitochondria in local redox signaling and further experiments are required 

to prove extracellular to mitochondria trafficking of H2O2.  

 

In addition to using HyPer7 for H2O2 measurement, we employed the chemogenetic 

tool mDAAO to produce localized H2O2 within cells. Local production of H2O2 is crucial 

as many ROS-producing enzymes are compartmentalized, even within specific locations 

in particular compartments. Utilizing mDAAO in redox studies allows for a better 

understanding of how local H2O2 production affects redox signaling. By targeting 

mDAAO to various compartments, we could investigate its enzymatic activity and 

kinetics, demonstrating its stereospecificity and superior performance compared to 

DAAO. Co-transfecting cells with mDAAO and HyPer7 enabled us to establish a robust 

generate-and-detect system, facilitating precise compartment-specific redox 

measurements. This system allows us to mimic local H2O2 production and measure it 

accurately, providing deeper insights into compartmentalized redox dynamics. 

 



 52 

We also explored the versatility of mDAAO by testing its response to various D-

amino acids and assessing its performance across different cell lines. Which are important 

parameters for those who are going to use mDAAO for their experiments.  Our results 

indicated that mDAAO is highly efficient under low O2 conditions, outperforming DAAO 

in both the kinetics and amplitude of H2O2 production. The design and utilization of a 

hypoxia chamber further facilitated our study of mDAAO under controlled low O2 

conditions, revealing the significant impact of oxygen availability on enzyme 

performance. Important issue with O2 is certain experimental conditions necessitates low 

O2 levels during the experiments such as hypoxia reperfusion injury, tumor spheroids[82]. 

Redox studies in these experiments favor the use of mDAAO due to its performance under 

low O2 conditions 

These comprehensive investigations underscore the importance of local H2O2 

production and measurement in understanding redox signaling. The ability to generate 

and detect H2O2 in specific cellular compartments with high precision provides valuable 

insights into the spatial and temporal dynamics of redox processes. Our study highlights 

the potential of using advanced biosensors like HyPer7 and chemogenetic tools like 

mDAAO to dissect the intricate mechanisms of redox regulation, paving the way for 

future research and therapeutic strategies targeting oxidative stress and redox imbalances 

in various disease contexts. 

Overall, our work contributes to a deeper understanding of compartment-specific 

redox dynamics and offers a framework for optimizing the tools and methods used to 

study local redox signaling. This knowledge is critical for advancing our comprehension 

of cellular redox biology and developing interventions that modulate redox states to 

maintain cellular health and prevent disease.  
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Materials and Methods 

 

 

Chemicals 

 

Dulbecco’s modified Eagle’s Medium (DMEM), 100 U/ml penicillin and 100 μg/ml 

streptomycin, Fetal Bovine Serum (FBS) and trypsin were purchased from Pan Biotech 

(Aidenbach, Germany). 100 μg/mL normocin was purchased from InvivoGen (San 

Diego, CA,USA). 2% HAT solution (Sodium Hypoxanthine (5 mM), Aminopterin (20 

µM), and Thymidine (0.8 mM)) was purchased from ATCC (Manassas, VA, USA). 

Polyjet transfection reagent was purchased from SignaGen Laboratories (Maryland, 

USA). 10 µg/mL Polybrene infection reagent was purchased from Sigma-Aldrich 

(St.Louis, MO, USA). CaCl2, KCl, NaCl, MgCl2, KH2PO4, NaHCO3, NaH2PO4, D-

Glucose were purchased from NeoFroxx (Darmstadt, Germany). 1 mM HEPES, 0.1% 

MEM Vitamins, 0.2% essential amino acids were purchased from Pan Biotech 

(Aidenbach, Germany). D-alanine, D- phenylalanine, D-arginine, D-methionine, and D-

tryptophan were purchased from Alfa Aesar (Landau, Germany). D-serine, D-valine, 

were purchased from Sigma Aldrich (St.Louis, MO, USA). D-cysteine was purchased 

from ChemCruz (Heidelberg, Germany). L-alanine was purchased from NeoFroxx 

(Darmstadt, Germany).  

 

Buffers and Solutions 

 

Live-cell imaging performed under HEPES-based buffer solution. Final 

concentrations of chemicals in this buffer are: 138 mM NaCl, 5 mM KCl, 2 mM CaCl2, 

1 mM MgCl2, 10 mM D-glucose, 10 mM HEPES. Prior to experiments cell were stored 

in storage buffer solution for 1 hour. Final concentrations of each chemical in cell storage 

buffer are 138 mM NaCl, 5 mM KCl, 2 mM CaCl2, 1 mM MgCl2, 10 mM D-glucose, 10 

mM HEPES, 2.6 mM NaHCO3, 0.44 mM KH2PO4, 0.34 mM Na2HPO4, 10 mM D-

glucose, 0.1% vitamins, 0.2% essential amino acids, and 1% penicillin/streptomycin. 
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Chemicals are used in live-cell imaging experiments were dissolved in live-cell imaging 

buffer solution. After preparation of solutions pH is adjusted to 7.42. For experiments 

performed under low O2 conditions N2 purged live-cell imaging buffer solution’s pH is 

adjusted after N2 purge. 

 

Molecular Cloning and Plasmids 

 

Differentially targeted HyPer7 constructs were kindly provided by Vsevolod 

Belousov. mDAAO constructs that contains NES and NLS signaling sequences in C-

terminus were synthesized and ordered. Then these constructs subcloned into pAAV2-

MCS vector via restriction digestion using KpnI and HindII enzymes. To visualize 

mDAAO red fluorescent protein mCherry2 added N-termini of mDAAO-NES and 

mDAAO-NLS using restriction sites of EcoRI and KpnI enzymes. For mito-mCherry-

mDAAO tandem of COX8 sequence is added using restriction sites for EcoRI and AgeI. 

For lentivirus production second generation lentiviral system is used. For that 

purpose, psPAX2 as a packaging plasmid is used (Addgene #12260). For envelope 

plasmid we used p.MD2.G (Addgene #12259). For transfer plasmid, we used empty 

backbone of lentiviral transfer vector called pLenti.MP2 (Addgene #36097) to subclone 

differentially HyPer7 constructs. Sequence of HyPer7 is subcloned into lentiviral transfer 

vector via BamHI and XhoI restriction sites.  

 

Cell Culture and Lentivirus Generation 

 

Human Embryonic Kidney cells (HEK293)  were cultured using DMEM 

supplemented with 10%FBS, 100 μg/ml streptomycin and 100 U/ml penicillin. EA.hy926 

cells were cultured using DMEM supplemented with 10% FBS, 100 μg/ml streptomycin 

and 100 U/ml penicillin, 100 µg/mL Normocin and 2% HAT solution. Cells were 

maintained under humidified CO2 chamber at 37 C°. Confluency of the cells were 

controlled daily under light microscope and every 2 days respective medium of the cells 

were replaced. Upon confluency cells were trypsinized, detached and 1:5 subculturing 
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performed. For experiments, cells were seeded on 6-well plate containing 30 mm glass 

coverslips (Glaswarenfabrik Karl Knecht Sondheim, Germany) 

HEK293 cells were cultured in antibiotic-free medium to perform transfection for 

lentiviral production. When the cells reached 80–90% confluency, they were co-

transfected with 3 µg of psPAX2 (Addgene #12260), 3 µg of pMD2.G (Addgene #12259), 

and 6 µg of the respective HyPer7 lentivirus shuttle vectors. The transfection was 

performed using PolyJet transfection reagent following the manufacturer's instructions. 

Twenty-four hours after transfection, the medium was replaced with fresh DMEM. 

Following additional 24-hour and 48-hour incubation periods, the cell culture medium 

containing virus particles was collected and filtered using a 0.45 µm low protein binding 

medium filter (T.P.P., Switzerland). The filtrate was then concentrated by ultrafiltration 

using a 100 kDa Amicon® Ultra-15 Centrifugal Filter Unit (3000× g, 30 min, 4 °C). The 

filtered virus particles were aliquoted and either used immediately or snap-frozen in 

liquid nitrogen and stored at −80 °C. 

EA.hy926 cells were seeded onto a 6-well plate and allowed to attach before being 

exposed to an antibiotic-free transduction medium. This medium contained 10% FBS, 10 

µg/mL Polybrene infection reagent and respective lentivirus particles encoding for 

differentially targeted HyPer7. To optimize lentiviral transduction, serial dilutions of the 

viral-particle-containing filtrates were used. The cells were maintained in the virus-

containing medium for 48–72 hours. After successful transduction, cells were cultured 

for an additional week in fresh complete DMEM before undergoing fluorescence-assisted 

cell sorting (FACS). The top 30% of HyPer7-positive cells were selected based on green 

fluorescence emission, detected using a 488 nm laser excitation wavelength (Filter type: 

BP 530/40 nm) on a B.D. Influx Cell Sorter. 

For transient transfection method, we used PolyJet as a transfection reagent. Cells 

were seeded on 6-well plate and after they reach 70-80% confluency 1 µg of respective 

plasmids were mixed with Polyjet according to manufacturer’s instruction. Medium of 

respective cells were replaced after 4 hours and cells were used for live-cell imaging next 

day.  
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Live-cell Imaging 

 

Live-cell imaging experiments performed using Zeiss Axio Observer Z7.1 (Carl 

Zeiss AG, Oberkochen, Germany). 20x and 40x-oil plan-apochromat objectives were 

used with an NA of 0.8 and 1.4 respectively. Axio Observer equipped with Colibri 7 LED 

light source. For mDAAO visualization, 555/30 nm excitation LED light was used. 

Emitted light pass through FT570BP and collected through 605/70 BP emission filter. For 

HyPer imaging, alternating excitations were used via 423/44nm (HyPer Low)  and 

469/38nm (HyPer High)  using LED modules of Colibri 7. Emissions were collected 

using beam splitter combinations FT455 (HyPer Low) , FT495 (HyPer High) and 

emission filter 525/50 BP was used.  

High-resolution confocal images were captured using a Zeiss LSM 800 laser 

scanning confocal microscope equipped with a Plan-Apochromat 40x/1.3 oil immersion 

objective. Differentially targeted HyPer7 were excited with 488 nm and 405 nm lasers, 

and emissions were collected using a 509 nm filter system. Fluorescence detection was 

performed with an A GaAsP-PMT detector and a 400–565 nm filter, utilizing a 

Multialkali-PMT detector. mCherry-mDAAO constructs were excited with a 561 nm 

laser, and emissions were captured between 616 and 700 nm. The digital detector gain for 

all channels was set to 1, with detector gain applied between 500 and 1000 V. 

 

Live-cell imaging experiments were performed using home-made perfusion 

system allowing to addition or withdrawal of chemicals. Cells were visualized using 

perfusion chamber (NGFI, Austria). Prior to experiments cells were incubated in cell 

storage buffer.  

 

To acquire data and visualization Zen Blue 3.1 Pro software (Carl Zeiss AG, 

Oberkochen, Germany) was used. 
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Design and usage of hypoxia chamber 

 

The oxygen-controlled on-stage chamber was designed using computer-aided 

design (CAD) to fit the microscope stage of an Axio Observer.Z1/7. The chamber was 3D 

printed using stereolithography methods with a Formlabs Form 3 printer (Cat No: PKG-

F3-WSVC-BASIC, USA) and white resin (Formlabs White Resin, Cat No: RS-F2-

GPWH-04, USA). Post-printing, the chamber was washed with isopropanol and cured by 

exposing it to 405 nm light at 65°C for 1 hour (Form Cure, Cat No: FH-CU-01, USA). 

For live-cell imaging under oxygen-controlled conditions, cells were placed in a 

perfusion chamber (NGFI, Austria) inside an airtight hypoxia chamber sealed with 

Plexiglas. The chamber air was replaced with 99.9% N2 gas using silicon tubing holes. 

Oxygen levels were monitored with an Arduino IDE-based oxygen sensor integrated into 

the chamber (Grove Oxygen Sensor, Winsen, Cat No: 101020002, China). Buffers were 

also gassed with 99.9% N2 using a magnetic stirrer. Once oxygen levels in the chamber 

dropped below 5%, cells were incubated under low oxygen conditions (5%–1% O2) for 2 

hours before the experiment. After pre-incubation, real-time imaging experiments were 

conducted using N2-gassed buffers. 

 

 

Statistical Analysis 

 

All experiments performed as triplicate fashion. Data analysed using GraphPad Prism 

Software version 10 (GraphPad Software, San Diego, USA). All statistical data are 

presented as ±SEM in addition to the representative real-time traces shown as curves (if 

not indicated otherwise). For the statistical comparisons of multiple groups, one-way 

ANOVA analyses of variances with post-test Tukey’s test to compare all columns were 

performed. For two groups’ analysis Student’s test were used. Statistical significances 

were considered significant, and p-values were indicated as stated. 
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CHAPTER III: OPTIMIZATIONS TO UNDERSTAND HYDROGEN 

PEROXIDE AND NITRIC OXIDE RELATIONSHIP 

 

 

 

History of genetically encoded nitric oxide probe (GeNOp) 

  

 

 Nitric oxide (NO) is a gaseous molecule responsible for diverse biological 

reactions, including vasodilation, inflammation, and neurotransmission [83]. In 

endothelial cells, NO plays a critical role in maintaining vascular homeostasis. It is 

produced by endothelial nitric oxide synthase (eNOS) and contributes to the regulation 

of blood flow by inducing vasodilation[25]. NO diffuses into the smooth muscle cells of 

blood vessels, where it activates soluble guanylate cyclase (sGC), leading to the 

relaxation of smooth muscle fibers[84]. This mechanism is crucial for controlling blood 

pressure and provides tissue perfusion. 

 

NO is a free radical and has a very short lifetime, on the order of seconds, and interacts 

with metal-containing proteins, especially Fe2+ and Zn2+ containing proteins, to serve as 

a signaling molecule by forming metal-nitrosyl complex with transition metals[85]. This 

complex lead to inactivation/activation of these proteins such as sGC [86]. This 

interaction is significant in the modulation of various signaling pathways and cellular 

functions. NO's ability to interact with proteins makes it vital in processes such as the 

inhibition of platelet aggregation and leukocyte adhesion, both of which are essential for 

preventing thrombus formation and inflammation within the vasculature. 
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Despite its critical functions, the radical nature of NO makes it challenging to trace 

and study. The short lifespan and high reactivity of NO necessitate advanced methods to 

detect and measure it accurately within biological systems[56]. Although the role of NO 

in various biological reactions is well established, further studies are essential to 

understand the dynamics of NO in these processes. This includes elucidating how NO 

production and signaling are regulated in physiological and pathological conditions, 

particularly within the vascular system, where NO is pivotal for endothelial function and 

overall cardiovascular system. 

  

 Different NO detection methods have been developed over the years, including 

electrochemical methods, enzymatic assays, spectroscopic assays, and fluorescent 

probes[57]. However, these methods are primarily end-point assays or do not directly 

measure NO itself, limits their utilization in investigating intracellular NO dynamics. In 

2016, Eroglu et al. introduced genetically encoded biosensors for NO detection, called 

geNOps. These biosensors utilize a fluorescent reporter protein (FP) and a GAF (cGMP 

phosphodiesterase, adenylate cyclase, FhlA) domain from NorR (NO reduction and 

detoxification Regulator) derived from E. coli as the sensing domain[57]. NorR, a 

transcription factor under anaerobic conditions, binds DNA in response to NO to activate 

the expression of NO-reducing flavorubredoxin [87]. The GAF domain, a small protein 

containing a non-heme iron center where NO binds and activates NorR, serves as the 

sensing component. This domain's Fe2+ is coordinated by five amino acids: Arg81, Asp96, 

Asp99, Asp131, and Cys113. Mutations in this coordination center eliminate iron and NO 

binding, confirming that iron is necessary for NO capture in the GAF protein [88]. 

 

To create the NO sensor, a chimera of the fluorescent protein and the GAF domain 

was constructed, resulting in various color variants of geNOps such as Cyan-geNOp (C-

geNOp), green-geNOp (G-geNOp), mint green-geNOp (M-geNOp), yellow-geNOp (Y-

geNOp), and orange-geNOp (O-geNOp). Among these, C-geNOp (containing enhanced 

cyan fluorescent protein, ECFP), g-geNOp (containing enhanced GFP, EGFP), and o-

geNOp (containing mKusabira Orange kappa, mKOκ) are the most widely used (Figure 

3.1). 



 60 

 

Before experiments, Fe2+ is supplemented using an iron booster solution, including a 

Fe2+ source and Vitamin C to maintain iron in its reduced state under room air conditions. 

Recent optimizations of the Fe2+/Vitamin C content of the iron booster solution have 

minimized the toxic effects of iron supplementation on the cells. 

 

The development of geNOps permits the direct measurement of NO, addressing a 

significant limitation of traditional NO detection methods, which often lack reversible 

signals. In geNOps, the signal returns to its initial state after NO removal. While Fe2+ and 

NO can form covalent, often irreversible, bonds in different metalloproteins, the 

interaction in geNOps is reversible due to the non-heme iron center. Unlike many 

biosensors, NO binding to geNOps does not increase fluorescence but instead quenches 

it, likely due to increased absorbance of the GAF protein in the Fe2+-NO bound state 

between 500 nm and 600 nm [88]. 

 

geNOps have been used in various studies to understand NO dynamics. For instance, 

the direct measurement of NO with geNOps has differentiated the relationship between 

eNOS phosphorylation and NO production. This important study used geNOps and 

highlighted that even though eNOS is phosphorylated at S1177, it did not produce NO, 

underscoring the importance of direct intracellular NO measurement[38]. This capability 

provides critical insights into the complex regulation of NO signaling and its 

physiological and pathological roles, demonstrating the significant advancements 

geNOps bring to redox biology research.  



 61 

geNOps contain GAF domain which includes non-heme iron center coordinated by 5 
different amino acids. In the presence of NO fluorescent protein of geNOp quenches and 
without NO fluorescence increases again. Using different FPs, various geNOp variants 
are invented adapted from ref [57]. 

 

 In our lab, we routinely use geNOp biosensors and HyPer7. These two biosensors 

offer significant advantages for understanding NO and H2O2 dynamics, such as high 

sensitivity and specificity. Their spectrally distinct properties allow us to perform 

multiparametric live-cell imaging. In the previous chapter, we utilized HyPer7 to monitor 

H2O2 changes, and by using geNOps, we can detect NO changes. Expressing both 

biosensors in a single endothelial cell enables us to investigate the primary aim of this 

study: the relationship between H2O2 and NO. Additionally, we employed the 

chemogenetic tool mDAAO to produce intracellular H2O2. These three tools together 

facilitate a comprehensive understanding of the interplay between these two molecules, 

allowing us to directly observe and monitor their dynamics via genetically encoded 

biosensors. 

 

 

Figure 3.1: Structure and function of genetically encoded NO probe (geNOps). 
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Development of double stable cell line and characterization of the cell line  

  

 

 To understand the relationship between H2O2 and NO in endothelial cells, we 

decided to generate a stable endothelial cell line expressing both HyPer7 and geNOps. 

Multiparametric imaging allows us to directly observe the relationship within the same 

cell. The spectrally distinct properties of these biosensors enable effective pairing, with 

HyPer7 being paired with the orange variant of geNOps (O-geNOp). Previously, the 

interaction between these two molecules has not been effectively investigated due to 

technical challenges and misunderstandings regarding the physiological context of H2O2 

signaling, leading to contradictory results in the literature [74]. Our goal was to develop 

a cell line that could provide clear insights into the direct relationship between H2O2 and 

NO, overcoming these previous technical challenges. 

 

The EA.hy926 cell line, routinely used in our lab, was chosen for this purpose. We 

previously generated stable cell lines expressing differentially localized HyPer7 

biosensors using a lentiviral system[89]. In this study, we used two different lentiviruses 

to simultaneously infect cells, one carrying the differentially localized HyPer7 biosensors 

and the other carrying O-geNOp. For the O-geNOp construct, we used O-geNOp-NES, 

which localizes to the cytosol. Reciprocal localization with HyPer7 biosensors was 

unnecessary due to the gaseous nature of NO, which can rapidly diffuse throughout the 

cell and even to neighboring cells within seconds. The lentiviruses carrying the respective 

biosensors were transduced into EA.hy926 cells. Using FACS, we selected cells positive 

for both HyPer7 and O-geNOp. As a result, we generated three different cell lines 

expressing H.7-NES and O-geNOp-NES, H.7-NLS and O-geNOp-NES, and Mito-H.7 

and O-geNOp-NES (Figure 3.2). 
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Representative images of EaHy.926 cells expressing O-geNOp-NES and Hyper7.2-NES 
(First row), O-geNOp-NES and Hyper7.2-NLS (Second row), O-geNOp-NES and Mito-
Hyper7.2 (Third row) are shown. Images are obtained using 3 different channels (Hyper 
Low: 430nm/520nm, HyperHigh: 475nm/520nm, O-geNOp: 555 nm/610nm). Scale bars 
represent 20 µm.  

 

After generating the stable cell lines, we tested the functionality of each probe by 

providing their respective analytes extracellularly. For HyPer7 constructs, we added 

extracellular H2O2 during live-cell imaging experiments, and for geNOps, we provided 

the NO donor, NOC-7. Each cell line showed a robust increase in signals in response to 

H2O2 or NOC-7 (Figure 3.3A: H.7-NES and O-geNOp, Figure 3.3B: H.7-NLS and O-

geNOp, Figure 3.3C: Mito-H.7 and O-geNOp). 

 

 

 

 

 

Figure 3.2: Visualization of Stable EaHy.926 Cells 
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(A) EA.hy926 cells expressing H.7-NES and O-geNOp NES were imaged under 
fluorescence microscope to test each biosensor. For Hyper7, average signals were traced 
in response to provision of extracellular 50 μM H2O2 as indicated (left panel). For O-
geNOp-NES, average signals recorded in response to 10 μM NOC-7 as indicated. Same 
experimental conditions were applied to H.7-NLS and O-geNOp-NES expressing cells 
(B) and Mito-H.7 and O-geNOp-NES expressing cells (C). All experiments performed at 
least three times.  

 

After confirming the functionality of both biosensors, we proceeded to test the Ca2+ 

dynamics in the double-stable cell lines. It is essential to confirm that these cells have 

functional Ca2+ dynamics because NO production requires Ca2+ changes to activate 

eNOS, which produces NO from L-arginine. For this purpose, we used the Ca2+-specific 

dye FURA2-AM, which is ratiometric, with two excitation peaks at 340 nm and 380 nm 

and a single emission at 510 nm. 

 

To compare Ca2+ dynamics, each double-stable cell line was tested alongside native 

EA.hy926 cells. During live-cell imaging, cells were treated with histamine, which 

potentiates Inositol-3-Phosphate dependent Ca2+ release and thus activates eNOS. The 

FURA signals were traced, and each cell line was individually compared with native 

EA.hy926 cells. The Ca2+ signals were similar in each cell line (Figure 3.4A). Comparing 

the amplitude of Ca2+ responses between native cells and double-stable cells, the increase 

Figure 3.3:Functionality tests of double stable cells. 
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in Ca2+ in response to histamine was consistent across all cell lines. Therefore, in terms 

of Ca2+ dynamics, the double-stable cell lines did not differ from the native cells. 

 

 

Figure 3.4: Ca2+ dynamics of double stable cell line using FURA2-AM. 

 (A) EA.hy926 cells expressing O-geNOp-NES and H.7-NES (left panel, orang 
curve), O-geNOp-NES and H.7-NLS (middle panel, grey curve) O-geNOp-NES and 
mito-H.7 (right panel, blue curve) along with native EA.hy926 cells were treated with 
100 μM Histamine and average FURA signals were traced in each panel comparing with 
native EA.hy926 cells (black curves).(n=3) (B) Bar graphs indicate statistical analysis of 
Histamine derived Ca2+ responses of each cell type. Left panel compares maximum 
responses of cells expressing O-geNOp-NES and H.7-NES (orange bar) with native 
cells(black bar), middle panel compares maximum responses of cells expressing O-
geNOp-NES and H.7-NLS (grey bar) with native cells(black bar), right panel compares 
maximum responses of cells expressing O-geNOp-NES and mito-H.7 (blue bar) with 
native cells (black bar). Data presented as mean±SEM and Student’s t-test performed. p-
values were indicated in bar graphs (n=3).  

 

In conclusion, we successfully developed a double stable endothelial cell line 

expressing both HyPer7 and geNOps (Figure 3.2), which allows for the simultaneous 

monitoring of H2O2 and NO dynamics within the same cell. By utilizing spectrally distinct 

biosensors, we can perform multiparametric live-cell imaging to directly observe the 

interplay between these two crucial signaling molecules. The robust responses to 



 66 

extracellular H2O2 and the NO donor NOC-7 confirmed the functionality of the 

biosensors in each of the generated cell lines (Figure 3.3). 

 

Additionally, we verified the functional Ca2+ dynamics in the double stable cell lines 

using the Ca2+-specific dye FURA2-AM. The Ca2+ responses to histamine treatment in 

double stable cell lines were comparable to those in native EA.hy926 cells, indicating that 

the Ca2+ dynamics necessary for NO production via eNOS activation were intact (Figure 

3.4). 

 

This advancement might address previous technical challenges and provides a 

powerful tool to explore the relationship between H2O2 and NO with high precision and 

accuracy. These cell lines will facilitate a deeper understanding of redox signaling and 

the complex interactions between these reactive species in endothelial cells. 

 

 

Acute and chronic effect of extracellular H2O2 in NO signaling 

 

 

 After establishing an intact double stable cell line capable of measuring both H2O2 

and NO, we began investigating the effect of H2O2 on NO signaling under various 

conditions. Many studies on this relationship initiate with the exogenous application of 

H2O2 [90], [91], [92], [93]. Acute and chronic applications of H2O2 can elicit different 

signaling responses; for instance, inflammation causes a rapid increase in extracellular 

H2O2, while endothelial cells experience elevated extracellular H2O2 levels in 

pathological conditions such as atherosclerosis[42]. To explore these dynamics, we 

utilized a double stable cell line expressing both H.7-NES and O-geNOp-NES to monitor 

changes in NO levels alongside H2O2 levels. Figure 3.5 illustrates the simultaneous 

imaging of both analytes. Initially, we provided an NO donor to the cells to confirm the 

functionality of O-geNOp. Once the O-geNOp signals returned to baseline, we applied a 
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short pulse of H2O2 to observe changes in NO signals. However, we did not observe any 

changes in NO levels in response to the short application of H2O2. 

Cells that are expressing both H.7-NES and O-geNOp-NES exogenously treated with 10 
µM NOC-7 and 50 µM H2O2 as indicated. Orange curves indicate signals NO signals and 
green curves indicate H2O2  signals that are obtained using O-geNOp-NES and H.7-NES 
consecutively (n=3) 

 

 

Next, we investigated NO dynamics during chronic exposure to H2O2 in EA.hy926 

cells expressing both biosensors. Endothelial cells were maintained under different H2O2 

levels for five days to adapt to chronic oxidative conditions. Specifically, we used 100 

µM and 300 µM H2O2 in the culturing medium, replacing it every two days with fresh 

medium containing either no H2O2, 100 µM H2O2, or 300 µM H2O2. Cell viability was 

monitored using light microscopy during this adaptation period. After adaptation, we 

conducted live-cell imaging experiments to assess NO levels (Figure 3.6). During the 

experiments, we provided ATP to produce NO responses in each condition. ATP yielded 

robust NO responses, and we subsequently added L-NAME (L-NitroArginine Methyl 

Ester), an eNOS inhibitor, to diminish eNOS-derived NO responses, allowing for the 

calculation of initial NO state (Figure 3.6A).   

 

 

Figure 3.5: Acute application of extracellular H2O2 in double stable cells. 



 68 

 

Figure 3.6: Effect of chronic exposure of extracellular H2O2 on NO signaling. 

EA.hy926 cells expressing O-geNOp-NES and H.7-NES were cultured under different 
conditions for 5 days with no H2O2 (Control), with 100 μM H2O2 and 300 μM H2O2. After 
chronic exposure to H2O2 cells were imaged using fluorescence microscope (A) Curves 
represent O-geNOp signals of cells adapted to control (black curve), 100 μM H2O2 (blue 
curve) and 300 μM H2O2 (red curve) conditions in response to 30 μM ATP and 500 μM 
L-NAME consecutively. (B) Bar graphic represents average signals of O-geNOp-NES 
cells adapted to control (black bar), 100 μM H2O2 (blue bar) and 300 μM H2O2 (red bar) 
conditions under resting state (basal) before ATP challenge. (C) Bar graphic represents 
average signals of O-geNOp-NES cells adapted to control (black bar), 100 μM H2O2 (blue 
bar) and 300 μM H2O2 (red bar) conditions in response to 30 μM ATP. Data presented as 
mean±SEM. One-way ANOVA and Tukey’s multiple comparison test are performed. p-
values were indicated in bar graphs (n=3) 

 Comparing the initial NO levels, we observed an increase in basal O-geNOp 

signals in chronically H2O2-exposed cells, with a significant difference in basal NO levels 

compared to control cells. However, there was no significant difference in basal NO levels 

between cells adapted to 100 µM H2O2 and those adapted to 300 µM H2O2 (Figure 3.6B). 

 

ATP-derived NO responses were similar across conditions, except that the geNOp 

response in 300 µM H2O2-adapted cells was significantly lower compared to 100 µM 

H2O2-adapted cells but similar to control cells (Figure 3.6C). In contrast to basal NO 

conditions, chronic H2O2 exposure did not substantially affect ATP-derived NO 

responses. 
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Figure 3.7: Effect of chronic exposure of extracellular H2O2 on Ca2+ signaling 

EA.hy926 cells expressing O-geNOp-NES and H.7-NES were cultured under different 
conditions for 5 days with no H2O2 (Control), with 100 μM H2O2 and 300 μM H2O2. After 
chronic exposure to H2O2 cells were imaged using FURA2-AM (A) Curves represent 
FURA2 signals of cells adapted to control (black curve), 100 μM H2O2 (blue curve) and 
300 μM H2O2 (red curve) conditions in response to 30 μM ATP. (B) Bar graphic represents 
average signals of FURA obtained from cells adapted to control (black bar), 100 μM H2O2 
(blue bar) and 300 μM H2O2 (red bar) conditions under resting state (basal) before ATP 
challenge. (C) Bar graphic represents average signals of FURA obtained from cells 
adapted to control (black bar), 100 μM H2O2 (blue bar) and 300 μM H2O2 (red bar) 
conditions in response to 30 μM ATP. Data presented as mean±SEM. One-way ANOVA 
and Tukey’s multiple comparison test are performed. p-values were indicated in bar 
graphs (n=3)  

 

 The observation of higher basal NO levels prompted us to examine Ca2+ dynamics 

in cells chronically exposed to extracellular H2O2. We used live-cell Ca2+ imaging with 

cells loaded with FURA2-AM. In live-cell imaging, cells were treated with ATP to initiate 

Ca2+ signaling. ATP induced a robust intracellular Ca2+ increase in all cells, and the 

removal of ATP returned Ca2+ levels to their initial state (Figure 3.7A). Basal intracellular 

Ca2+ levels showed that chronic exposure to H2O2 significantly increases basal Ca2+ 

levels, with higher H2O2 concentrations leading to increased intracellular Ca2+ levels 

(Figure 3.7B). Additionally, ATP-derived Ca2+ increases were comparable across 

conditions when comparing the maximum FURA signals (Figure 3.7C). 

  

In conclusion, this part of the study investigated the acute and chronic effects of 

extracellular H2O2 on NO signaling using a double stable cell line capable of measuring 

both H2O2 and NO. We observed that a short pulse of H2O2 did not change NO levels, 

highlighting the transient nature of acute H2O2 exposure (Figure 3.5). However, chronic 

exposure to H2O2 revealed significant changes in NO dynamics in terms of resting NO 
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levels. Cells adapted to chronic oxidative conditions exhibited elevated basal NO levels, 

irrespective of the H2O2 concentration (100 µM or 300 µM). This suggests that chronic 

oxidative stress has an effect on basal NO levels (Figure 3.6). 

 

Furthermore, ATP-induced NO responses remained largely unaffected by chronic 

H2O2 exposure, indicating that the capacity for NO production in response to ATP 

stimulation is preserved even under prolonged oxidative conditions. Additionally, our 

examination of Ca2+ dynamics revealed that chronic H2O2 exposure significantly 

increases basal intracellular Ca2+ levels, with higher H2O2 concentrations resulting in 

greater Ca2+ accumulation (Figure 3.7). However, ATP-induced Ca2+ responses were 

comparable across all conditions, demonstrating that the ability to mobilize Ca2+ in 

response to ATP remains intact despite chronic H2O2 exposure. These observations can 

help us to understand why basal NO levels are higher in stress adapted cells. Extracellular 

H2O2 can oxidize lipids on membranes of the cells. Lipid peroxidation causes disruption 

of membrane integrity in plasma membrane or organelles’ membranes [75]. In contrast to 

our observations other studies have shown that NO levels are decreased [44]. However, 

in these studies cells were exposed to H2O2 for 24 hours. In our case, we adapted cells to 

oxidative conditions has more NO levels in resting state. Moreover, studies that propose 

decreased NO lack of techniques that can measure NO levels directly.  To explain this 

difference, we assume that cells respond chronic oxidative stress with increasing NO 

levels to prevent oxidative stress to produce more superoxide [94]. Although we assume 

oxidative stress affect permeability of membrane, to understand serious detrimental effect 

of chronic oxidative stress we need to further this study to adapt cells more than a week.  
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Effect of long-term adaptation in NO signaling of  cells exposed to differentially 

produced H2O2  

 

 

 The observation of chronically exposed extracellular H2O2 effects on NO 

signaling prompted us to investigate the effect of intracellular and localized production 

of H2O2 on NO signaling. Previous studies have shown that localized production of H2O2 

can influence eNOS phosphorylation in a time-dependent manner [95]. Building on this, 

we aimed to adapt cells for localized intracellular H2O2 production and subsequently 

measure NO levels using geNOp. To achieve this, we utilized differentially localized 

mDAAO. For these experiments, endothelial cells needed to stably express both mDAAO 

and geNOp. As before, we used lentiviral systems to create cell lines expressing 

differentially localized mDAAO with geNOp. However, the mDAAO constructs contain 

mCherry2, which is unsuitable for O-geNOp imaging due to the spectral properties of 

mCherry2 and mKOk. Therefore, we employed the green version of geNOp, called g-

geNOp, to overcome spectral problems. 

 

 After establishing endothelial cells expressing both mDAAO and geNOp, we 

investigated the appropriate dose of D-Ala that would not be lethal to the cells after 24 

hours. To determine this, we performed an MTT assay using various concentrations of D-

Ala. Cells expressing cytosolic (mCherry-mDAAO-NES), nuclear (mCherry-mDAAO-

NLS), and mitochondrial (Mito-mCherry-mDAAO) mDAAO were used to find a suitable 

concentration of D-Ala. The results indicated that 1 mM of D-Ala did not affect the 

viability of any cell types (Figure 3.8). Consequently, for the adaptation process, we used 

1 mM D-Ala for each endothelial cell type to adapt to chronically produced local H2O2. 

The cells were cultured in a medium containing 1 mM D-Ala to induce chronic oxidative 

stress adaptation. Every two days culture medium is replaced with fresh medium 

containing 1mM of D-Ala. 
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EA.hy926 cells expressing mCherry-mDAAO-NES (black curve with dots),  mCherry-
mDAAO-NLS (green curve with dots) and mito-mCherry-mDAAO (red curve with dots) 
treated with different concentrations of D-Ala for 24 hours and MTT assay is performed. 
Y-axis represents percentage of cell viability and X-axis represents log concentration of 
D-Ala. Data presented as mean±SD. (n=3) 

 

 To investigate NO levels, we began with cells adapted to chronic cytosolic 

production of H2O2 via cytosolic mDAAO. For this purpose, cells expressing cytosolic 

mDAAO and geNOp, adapted to oxidative stress, were used for live-cell imaging. The 

cells were treated with ATP to induce an increase in NO, followed by the addition of L-

NAME to determine the resting levels of NO. As a control, cells expressing both 

constructs were maintained in culture medium without D-Ala. Both control and adapted 

cells were stimulated with ATP, and NO responses were measured using G-geNOp. ATP 

induced a robust NO response in both control and adapted cells (Figure 3.9A). The 

subsequent addition of L-NAME led to a decrease in NO levels after ATP stimulation. 

 

 

 

Figure 3.8: Viability of EA.hy926 cells expressing differentially targeted mDAAO in 
response to various concentrations of D-Ala. 
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EA.hy926 cells expressing mCherry-mDAAO-NES and G-geNOp were cultured at least 
for 5 days in the presence (Treated) or absence (Control) of 1 mM D-Ala.  After adaptation 
cells were used to perform live-cell imaging experiments using G-geNOp. (A) Average 
signals of G-geNOp obtained from cells either treated with 1 mM D-Ala (blue curve) or 
no treatment (black curve) in response to 30 μM ATP and 500 μM L-NAME 
consecutively. (B) Bar graph represents average of basal G-geNOp signals of cells either 
treated with 1 mM D-Ala (blue box) or no treatment (black box). (C) Bar graph represents 
average of maximum G-geNOp signals of cells either treated with 1 mM D-Ala (blue 
box) or no treatment (black box) in response to 30 μM ATP. Data presented as 
mean±SEM. Student’s t-test is performed. p-values were indicated in bar graphs (n=3)  

 

The resting NO levels (basal NO levels) were significantly higher in adapted cells 

compared to control cells (Figure 3.9B). When comparing ATP-derived NO responses, 

adapted cells produced more ATP-derived NO. The difference in NO production between 

control and adapted cells in response to ATP was slightly but significantly higher in 

adapted cells (Figure 3.9C). Thus, continuous production of cytosolic H2O2 not only 

increased the ATP-derived NO response but also elevated resting NO levels in endothelial 

cells. This suggests that chronic exposure to cytosolic H2O2 induces more responsive NO 

signaling. 

 

Following the investigation of cytosolic H2O2 production, we proceeded to examine 

the next cell line, which expresses mDAAO in the nucleus. By localizing H2O2 production 

to the nucleus, we aim to explore how nuclear oxidative stress influences NO dynamics.  

Figure 3.9: Effect of chronic production of cytosolic H2O2 using mCherry-
mDAAO-NES in NO signals. 
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EA.hy926 cells expressing mCherry-mDAAO-NLS and G-geNOp were cultured at least 
for 5 days in the presence (Treated) or absence (Control) of 1 mM D-Ala.  After adaptation 
cells were used to perform live-cell imaging experiments using G-geNOp. (A) Average 
signals of G-geNOp obtained from cells either treated with 1 mM D-Ala (green curve) or 
no treatment (black curve) in response to 30 μM ATP and 500 μM L-NAME 
consecutively. (B) Bar graph represents average of basal G-geNOp signals of cells either 
treated with 1 mM D-Ala (green box) or no treatment (black box). (C) Bar graph 
represents average of maximum G-geNOp signals of cells either treated with 1 mM D-
Ala (green box) or no treatment (black box) in response to 30 μM ATP. Data presented as 
mean±SEM. One-way ANOVA and Tukey’s multiple comparison test are performed. p-
values were indicated in bar graphs (n=3)  

 

 EA.hy926 cells expressing nuclear mDAAO and geNOp were adapted to chronic 

local oxidative stress for five days. After this adaptation period, the cells were used for 

live-cell imaging. As with the cytosolic version, the cells were treated with ATP, followed 

by the addition of L-NAME to decrease ATP-derived NO production. ATP stimulation 

yielded a strong NO response in adapted cells and a moderate NO response in control 

cells (Figure 3.10A). Following the addition of L-NAME, NO levels decreased. 

 

Basal NO levels, measured before ATP stimulation, were affected by nuclear 

oxidative stress adaptation. Adapted cells had higher resting NO levels compared to 

control cells (Figure 3.10B). The ATP-derived NO responses observed during live-cell 

imaging differed between the groups. Therefore, we compared the maximum NO 

response after ATP stimulation between control and treated cells. Statistical analysis 

demonstrated that treated cells exhibited a significantly higher NO response to ATP 

compared to control cells (Figure 3.10C). 

Figure 3.10: Effect of chronic production of nuclear H2O2 using mCherry-mDAAO-
NLS in NO signals. 
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In conclusion, chronic adaptation to nuclear local oxidative stress significantly 

elevates basal NO levels and enhances ATP-derived NO responses in endothelial cells. 

Building on these insights, we next investigated the effects of mitochondrial oxidative 

stress adaptation on NO signaling.  

 

EA.hy926 cells expressing Mito-mCherry-mDAAO and G-geNOp were cultured at 
least for 5 days in the presence (Treated) or absence (Control) of 1 mM D-Ala.  After 
adaptation cells were used to perform live-cell imaging experiments using G-geNOp. (A) 
Average signals of G-geNOp obtained from cells either treated with 1 mM D-Ala (red 
curve) or no treatment (black curve) in response to 30 μM ATP and 500 μM L-NAME 
consecutively. (B) Bar graph represents average of basal G-geNOp signals of cells either 
treated with 1 mM D-Ala (red box) or no treatment (black box). (C) Bar graph represents 
average of maximum G-geNOp signals of cells either treated with 1 mM D-Ala (red box) 
or no treatment (black box) in response to 30 μM ATP. Data presented as mean±SEM. 
One-way ANOVA and Tukey’s multiple comparison test are performed. p-values were 
indicated in bar graphs (n=3)  

 

 EA.hy926 cells expressing Mito-mCherry-mDAAO and G-geNOp were adapted 

to local oxidative stress conditions using 1 mM D-Ala. After this adaptation period, the 

cells were used for live-cell imaging experiments. The cells were stimulated with ATP to 

induce NO production. According to the curves, ATP provoked a NO response in both 

treated and control cells (Figure 3.11A). Following ATP stimulation, L-NAME was 

applied to decrease NO levels. As expected, L-NAME caused a gradual decrease in NO 

levels. 

When comparing the resting state NO levels, before the application of ATP, adapted 

cells showed higher NO levels compared to control cells (Figure 3.11B). Mitochondrial 

Figure 3.11: Effect of chronic production of mitochondrial H2O2 using Mito-
mCherry-mDAAO in NO signals. 
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production of H2O2 led to an increase in NO under resting conditions, similar to the effects 

observed with nuclear and cytosolic H2O2 production. This suggests that chronic 

oxidative stress, regardless of its subcellular origin, consistently elevates basal NO levels. 

 

 Moreover, we compared ATP-derived NO levels between the treated and control 

cells. Treated cells exhibited a higher responsiveness to ATP, as indicated by the maxima 

of the geNOp signal following ATP stimulation (Figure 3.11C). Statistically, the 

difference between control and adapted cells was significant. This enhanced 

responsiveness suggests that chronic mitochondrial H2O2 production not only increases 

basal NO levels but also amplifies the cellular NO response to external stimuli such as 

ATP.   

 

 In these experiments we have established that local production of H2O2 in various 

cellular compartments leads to significant changes in NO dynamics especially in nuclear 

oxidative stress affected the responsiveness of cells towards ATP. Given that NO and 

calcium signaling are related due to eNOS activation requires calcium. For that reason, 

understanding how chronic oxidative stress influences calcium dynamics is important. 

Therefore, we next investigated how the adaptation to local H2O2 production affects 

intracellular calcium levels and responses, providing a comprehensive view of the 

interplay between oxidative stress, NO signaling, and calcium homeostasis. 

 

 After investigating the NO dynamics in cells adapted to different local oxidative 

stress, we move forward to investigate calcium dynamics of each cell type using FURA 

imaging. As previously, cells expressing differentially located mDAAO and G-geNOp 

were adapted to oxidative stress conditions for five days. Then we used these cells for 

live-cell imaging of calcium. 
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 EA.hy926 cells expressing mCherry-mDAAO-NES and G-geNOp were cultured at 
least for 5 days in the presence (Treated) or absence (Control) of 1 mM D-Ala. After 
adaptation cells were used to perform live-cell imaging experiments using FURA2-
AM(A) Average signals of FURA obtained from cells either treated with 1 mM D-Ala 
(blue curve) or no treatment (black curve) in response to 30 μM ATP (B) Bar graph 
represents average of basal FURA signals of cells either treated with 1 mM D-Ala (blue 
box) or no treatment (black box). (C) Bar graph represents average of maximum FURA 
signals of cells either treated with 1 mM D-Ala (blue box) or no treatment (black box) in 
response to 30 μM ATP. Data presented as mean±SEM. One-way ANOVA and Tukey’s 
multiple comparison test are performed. p-values were indicated in bar graphs (n=3) 

 

 Initially, we used EA.hy926 cells expressing mCherry-mDAAO-NES and G-

geNOp, which were adapted to chronically produced cytosolic H2O2. Live-cell imaging 

was employed to investigate Ca2+ dynamics. For this experiment, ATP was used to induce 

an increase in intracellular Ca2+ levels, as it had been previously used to evoke NO 

production. In both adapted and control cells, ATP provoked an immediate increase in 

intracellular Ca2+ levels, and the withdrawal of ATP resulted in a decrease in Ca2+ levels 

(Figure 3.13A). 

 Before ATP stimulation, we compared the initial Ca2+ state of the cells. According 

to the FURA signals, there was no significant difference in basal Ca2+ levels between 

control and adapted cells (Figure 3.13B). This was surprising, given that initial NO levels 

were significantly different.  

 Moreover, ATP-derived Ca2+ increase was also not significantly different 

according to maximum responses of treated cells and control cells (Figure 3.13C). ATP-

derived NO responses were significantly different but Ca2+ responses were not. 

 

Figure 3.12: Effect of chronic production of cytosolic H2O2 using mCherry-
mDAAO-NES in Ca2+ signals. 
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 After investigating Ca2+ signaling in cells chronically adapted to cytosolic H2O2, 

we turned our attention to the Ca2+ dynamics of cells chronically adapted to nuclear H2O2. 

In these adapted cells, NO dynamics were significantly different compared to control 

cells. Furthermore, the ATP-derived NO response was notably different and more 

pronounced compared to cells producing H2O2 in the cytosol or mitochondria. 

Figure 3.13: Effect of chronic production of nuclear H2O2 using mCherry-mDAAO-
NLS in Ca2+ signals. 

EA.hy926 cells expressing mCherry-mDAAO-NLS and G-geNOp were cultured at least 
for 5 days in the presence (Treated) or absence (Control) of 1 mM D-Ala.  After adaptation 
cells were used to perform live-cell imaging experiments using FURA2-AM(A) Average 
signals of FURA obtained from cells either treated with 1 mM D-Ala (green curve) or no 
treatment (black curve) in response to 30 μM ATP (B) Bar graph represents average of 
basal FURA signals of cells either treated with 1 mM D-Ala (green box) or no treatment 
(black box). (C) Bar graph represents average of maximum FURA signals of cells either 
treated with 1 mM D-Ala (green box) or no treatment (black box) in response to 30 μM 
ATP. Data presented as mean±SEM. One-way ANOVA and Tukey’s multiple comparison 
test are performed. p-values were indicated in bar graphs (n=3) 

 

 After adapting cells expressing mCherry-mDAAO-NLS and G-geNOp using 1 

mM D-Ala, we investigated Ca2+ dynamics using live-cell imaging. ATP was used to 

stimulate an increase in intracellular Ca2+ levels, and both treated and control cells 

responded to ATP with a rise in intracellular Ca2+ (Figure 3.13A). 

 

We then compared the initial Ca2+ state of the cells before ATP stimulation. Unlike 

their NO levels under resting conditions, there was no significant difference in initial Ca2+ 

levels between control and adapted cells (Figure 3.13B). Furthermore, the ATP-derived 

Ca2+ increase was also similar between control and treated cells. Although ATP caused a 
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robust Ca2+ increase in both cell types, the amplitude of the Ca2+ signals was not 

significantly different (Figure 3.13C). 

After the examination of the effects of chronic cytosolic and nuclear H2O2 production 

on Ca2+ and NO dynamics, we next focused on the role of mitochondrial oxidative stress 

in Ca2+ dynamics. By studying cells adapted to chronic mitochondrial H2O2 production, 

we aimed to understand how mitochondrial oxidative stress influences intracellular Ca2+ 

and after we investigated NO dynamics. 

EA.hy926 cells expressing Mito-mCherry-mDAAO and G-geNOp were cultured at least 
for 5 days in the presence (Treated) or absence (Control) of 1 mM D-Ala.  After adaptation 
cells were used to perform live-cell imaging experiments using FURA2-AM(A) Average 
signals of FURA obtained from cells either treated with 1 mM D-Ala (red curve) or no 
treatment (black curve) in response to 30 μM ATP (B) Bar graph represents average of 
basal FURA signals of cells either treated with 1 mM D-Ala (red box) or no treatment 
(black box). (C) Bar graph represents average of maximum FURA signals of cells either 
treated with 1 mM D-Ala (red box) or no treatment (black box) in response to 30 μM 
ATP. Data presented as mean±SEM. One-way ANOVA and Tukey’s multiple comparison 
test are performed. p-values were indicated in bar graphs (n=3) 

 

 EA.hy926 cells expressing Mito-mCherry-mDAAO and G-geNOp were cultured 

with 1 mM D-Ala for five days. After adapting to chronic mitochondrial H2O2 production, 

the cells were used to image Ca2+ dynamics using FURA. To provoke a Ca2+ response in 

both adapted and control cells, ATP stimulation was performed, and signals from both 

cell types were traced (Figure 3.14A). In both adapted and control cells, ATP stimulation 

caused a substantial increase in Ca2+ levels, which decreased after ATP withdrawal. 

 

Figure 3.14: Effect of chronic production of mitochondrial H2O2 using Mito-
mCherry-mDAAO in Ca2+ signals. 
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Comparing the basal Ca2+ levels prior to ATP stimulation, the initial Ca2+ levels were 

comparable and showed no significant difference, unlike the NO signals obtained during 

G-geNOp imaging (Figure 3.14B). Additionally, the amplitude of Ca2+ signals after ATP 

stimulation was compared. While ATP-derived Ca2+ signals were observed in both cell 

types, the maximum levels were not significantly different (Figure 3.14C). 

 

In this study, we explored the effects of chronic oxidative stress due to localized 

production of H2O2 in different cellular compartments, on NO and Ca2+ dynamics in 

EA.hy926 endothelial cells using stably expressing chemogenetic tool mDAAO and NO 

biosensor G-geNOp. 

 

Chronic cytosolic, nuclear, mitochondrial H2O2 production led to significant increases 

in both basal NO levels and ATP-derived NO responses (Figure 3.9, Figure 3.10 and 

Figure 3.11 respectively). This suggests that chronic oxidative stress in these 

compartments enhances the cells' capacity for NO production, likely due to increased 

eNOS activity or expression. On previous study highlighted that localized production of 

H2O2 contribute one of eNOS activating phosphorylation at residue S1177 [95]. In this 

study, cytosolic, caveolar and nuclear production of H2O2 increased eNOS 

phosphorylation. Although it was previously demonstrated by Eroglu et al. 

phosphorylation does not necessarily cause production of NO [38]. For this case, we can 

assume that increased phosphorylation can enhance the production or responsiveness of 

NO to stimulator.  

 

Interestingly, while chronic localized production of H2O2 adaptation elevated NO 

levels, the same effect in Ca2+ signaling was not observed. In previous part, exogenous 

application of H2O2 had an effect on both basal NO levels and basal Ca2+ levels (Figure 

3.7). We discussed this observation and made assumptions on membrane permeability. In 

this case, we did not observe significant changes in both basal and amplitude of ATP-

derived Ca2+ increase in cells experienced localized H2O2 chronically (Figure3.12, 

Figure 3.13 and Figure 3.14). However, we observed significant changes in ATP-derived 
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NO production. The difference between NO dynamics and Ca2+ most likely due to the 

effect of localized H2O2 primarily influence eNOS phosphorylation. 

 

Our study demonstrates that chronic localized oxidative stress can differentially 

modulate NO and Ca2+ signaling dynamics in endothelial cells. These findings provide 

valuable insights into the compartmentalized nature of oxidative stress signaling and its 

broader implications for endothelial cell function and pathology. Difference between 

localized or extracellular application of H2O2 would lead differential outcomes in terms 

of NO dynamics and Ca2+ dynamics. This part of the study highlights the importance of 

application of oxidative stress in endothelial signaling. 

 

 

Optimizations in live-cell imaging for HyPer7 and O-geNOp 

 

 

 After discovering that H2O2 influence varies under different oxidative stress 

conditions, we aimed to optimize our imaging methods. Multiparametric imaging 

requires fine-tuning of specific parameters to enhance the signals obtained from 

biosensors. Previously, we generated a double stable cell line expressing both HyPer and 

O-geNOp to study the effects of short pulse H2O2 on NO signaling (Figure 3.5). To 

understand the dynamics of both molecules, we needed an imaging protocol with the 

highest signal-to-noise ratio. Studies have shown the effect of H2O2 on eNOS within 

hours [38], [95], so it was essential to demonstrate the direct interaction of H2O2 and NO. 

For this purpose, we generated an EA.hy926 cell line expressing both biosensors. To 

optimize multiparametric imaging, we adjusted several parameters that could affect the 

biosensors' dynamics, such as camera binning, different imaging devices, and 

temperature. 

 

 Camera binning is a commonly used technique in digital imaging. It groups 

adjacent pixels on an image sensor, which reduces image resolution but enhances 
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sensitivity by improving the signal-to-noise ratio (SNR). This method allows for the 

detection of weaker signals and shortens acquisition times, making it ideal for real-time 

imaging [96]. However, enhancement in SNR costs reduced spatial resolution and 

increased noise.  

 We have two biosensors expressed in a single cell: HyPer7 and O-geNOp. 

Spectrally, HyPer7 is excited at two different wavelengths, 430 nm and 475 nm, and 

emission is collected at 525 nm for our experiments. HyPer7 has ratiometric imaging 

capability due to this dual excitation. When excited at 430 nm and with emission collected 

at 525 nm, it is referred to as the HyPer-Low channel. In this setup, signal intensity 

decreases in the presence of H2O2. In another optical path, HyPer7 is excited at 475 nm, 

with emission collected at 525 nm, referred to as the HyPer-High channel. The HyPer 

ratio is obtained by dividing the fluorescence of HyPer-High by the fluorescence of 

HyPer-Low. 

To observe the effect of camera binning, we imaged HyPer-expressing cells under 

varying binning setups (Figure 3.15A). As expected, increasing the binning factor 

resulted in a decrease in resolution. We then investigated the HyPer signals under different 

binning setups. The addition of H2O2 evoked robust HyPer signals in all binning setups, 

but the amplitude of the signal varied (Figure 3.15B). To compare the amplitudes, we 

normalized the HyPer signals obtained and found that 4x4 binning produced the highest 

signal in response to H2O2. In the 1x1 (no binning) setup, the signal amplitude was the 

lowest and tended to decrease even with continuous H2O2 perfusion. Examining the close-

up curves for H2O2 response of HyPer under different camera binning setups, we observed 

that the signal was acquired faster with 4x4 binning (Figure 3.15C). Additionally, the 

fold changes of HyPer signals in response to the same concentration of H2O2 were 

significantly different: the 1x1 binning setup had the lowest fold change, while the 4x4 

binning had the highest fold change (Figure 3.15D). Finally, we compared the rate of 

change in HyPer signals upon the addition of H2O2. The fastest response was obtained 

using the 4x4 camera binning setup, whereas the 1x1 binning had the lowest response 

rate (Figure 3.15E). 
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(A) Representative fluorescence images of EA.hy926 cells expressing H.7-NES under 
different binning setup 1x1, 2x2, 3x3 and 4x4. Arrows indicate resolution decrease in 
same images. Insets shows close-up images of area where resolution decrease observed. 
(B) Curves represent HyPer signals of cells expressing H.7-NES in response to 25 μM 
H2O2 using different camera binning setups: 1x1 (black curve), 2x2 (grey curve), 
3x3(blue curve) and 4x4 (red curve) (n=3) (C) Close-up curves shows the dynamics of 
HyPer signals in part A. (D) Bar graphic represents average fold change of H.7-NES 
signals in response to 25 μM H2O2 under different binning conditions: 1x1 (black bar), 
2x2 (grey bar), 3x3(blue bar), 4x4 (red bar). (E) Bar graphic represents average rate of 
fold change in HyPer signals in response to 25 μM H2O2 under different binning 
conditions: 1x1 (black bar), 2x2 (grey bar), 3x3(blue bar), 4x4 (red bar). Data presented 
as mean±SEM. One-way ANOVA and Tukey’s multiple comparison test are performed. 
p-values were indicated in bar graphs (n=3)  

Figure 3.15: Binning factor influences HyPer imaging 
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 To understand the difference between binning factors, we analyzed the raw HyPer 

ratio under two different binning conditions: 1x1 and 4x4. Raw HyPer ratios were 

monitored, and in the 1x1 binning setup, we observed that the ratio is increased even in 

the absence of H2O2. Additionally, the addition of H2O2 caused an increase in the HyPer 

ratio, but the trend indicated bleaching in the raw signals. However, in the 4x4 binning 

setup, HyPer responded to H2O2 in a robust manner, and the ratio remained steady in the 

absence of H2O2 (Figure 3.16A). Furthermore, signals that are constituents of HyPer ratio 

were traced with the HyPer ratio during H2O2 provision. In the 1x1 binning setup, HyPer 

Low signals were severely bleached, and HyPer High signals were moderately bleached. 

The HyPer ratio, obtained by dividing these two signals, showed a false increase due to 

bleaching in both signals (Figure 3.16B). In contrast, signals in the 4x4 binning setup 

were not affected by bleaching and showed an accurate HyPer ratio in response to H2O2 

(Figure 3.16C). 

(A) The average curves show HyPer ratios following the addition of 25 μM H2O2. The 
black line represents measurements with 1x1 camera binning, while the red line 
represents measurements with 4x4 binning. (B) The average curves depict HyPer signals 
using 1x1 camera binning when cells were treated with 25 μM H2O2. The solid black line 
indicates the HyPer ratio signals, the dashed green line indicates HyPer High (Ex/Em: 
475/525) signals, and the dashed orange line indicates HyPer Low (Ex/Em: 430/525) 
signals. (C) The average curves illustrate HyPer7 signals using 4x4 camera binning when 
cells were treated with 25 μM H2O2. The solid red line shows the HyPer ratio signals, 
the dashed green line shows HyPer High (Ex/Em: 475/525) signals, and the dashed orange 
line shows HyPer Low (Ex/Em: 430/525) signals. 

 

 

Figure 3.16: Raw HyPer signals under different binning conditions. 
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To understand the effect of the binning factor, we need to examine the formulas for 

signal and noise. Signal is represented by I, noise by s, and the binning factor by M. In 

SNR (signal-to-noise ratio) calculations, the signal increases by a factor of M, while noise 

increases by the ÖM. Normally, we would expect a 4-fold increase in SNR with 4x4 

binning, but we observed an approximately 8-fold increase. This prompted us to 

investigate the components of noise further. 

𝑆𝑖𝑔𝑛𝑎𝑙	(𝐼) = 𝑀(𝑃ℎ𝑜𝑡𝑜𝑛	𝐹𝑙𝑢𝑥	𝑥	𝑄𝑢𝑎𝑛𝑡𝑢𝑚	𝐸𝑓𝑓𝑖𝑐𝑖𝑒𝑛𝑐𝑦	𝑜𝑓	𝐶𝑎𝑚𝑒𝑟𝑎	𝑥	𝑇𝑖𝑚𝑒) 

 

𝑁𝑜𝑖𝑠𝑒	(𝜎) = 	A𝑀(𝐷𝑎𝑟𝑘	𝑛𝑜𝑖𝑠𝑒)	𝑥	𝑀(𝐼)		𝑥	𝑅𝑒𝑎𝑑	𝑁𝑜𝑖𝑠𝑒 

Dark noise in our experiments is defined as the background fluorescence present 

without any fluorescent source, such as cells or non-fluorescent cells[97]. We maintained 

constant read noise across all experiments, which was determined by the excitation light 

intensity used to activate the HyPer biosensor. To achieve consistent total fluorescence 

within the field of view, we optimized conditions by keeping the exposure time constant 

and adjusting the excitation light intensity based on the binning factor. Increasing binning 

factor caused decrease in excitation light intensity This method resulted in similar 

background fluorescence levels across all experiments (Figure 3.17). For HyPer7 

measurements, the background fluorescence in each channel and the ratio remained 

consistent at various camera binning settings. Despite experiencing photobleaching at 

lower camera binning settings in the HyPer Low channel, the background signals were 

stable over time. 

 

Figure 3.17: Effect of camera binning on background noise. 

HyPer Low (A), HyPer High (B) and HyPer ratio (C) signals were measured with 
different binning setups upon addition of 25 μM H2O2. Different background regions 
(ROI) were selected, and signals were traced over time.  
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After examining the binning setup for HyPer signals, we proceeded to investigate O-

geNOp signals under different camera binning setups. O-geNOp expressing cells were 

visualized under a fluorescence microscope using various camera binning setups, and a 

decrease in resolution was observed (Figure 3.18A). We then examined the NO signals 

in different binning setups using the NO donor NOC-7, but before administering NOC-7, 

we provided L-NAME to prevent interference from endogenously produced NO due to 

eNOS function. The geNOp signals in response to NOC-7 indicated that the binning 

factor did not affect O-geNOp kinetics (Figure 3.18B). Additionally, the close-up curves 

of O-geNOp were similar across all binning setups (Figure 3.18C). The amplitudes of 

the O-geNOp signals were compared statistically across all binning setups. In each setup, 

the provision of NOC-7 yielded similar responses, with no significant differences 

observed (Figure 3.18D). Additionally, we compared the rate of change in signals across 

the different binning setups and found no significant differences here either (Figure 

3.18E). These results indicate that camera binning does not significantly impact the 

amplitude or kinetics of O-geNOp signals, suggesting that the biosensor's performance 

remains consistent regardless of the binning setup used. 

 

This was surprising to us because we observed significant changes in HyPer imaging 

but not in O-geNOp imaging. To understand this discrepancy, we examined the quantum 

efficiency of the camera, which refers to its ability to capture photons emitted from 

biosensors, considering the different fluorescent proteins used by the biosensors. HyPer 

emits around 525 nm, while O-geNOp emits around 605 nm. At these wavelengths, the 

quantum efficiency of the Axiocam 503 mono camera was similar, approximately 70%. 

Therefore, the difference in imaging results is not due to the camera's quantum efficiency 

at different fluorescence emissions. 
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(A) Representative fluorescence images of EA.hy926 cells expressing O-geNOp-NES 
under different binning setup 1x1, 2x2, 3x3 and 4x4. Arrows indicate resolution decrease 
in same images. Insets shows close-up images of area where resolution decrease 
observed. (B) Curves represent O-geNOp signals of cells pre-treated with 500 μM L-
NAME  and expressing O-geNOp-NES in response to 1 μM NOC-7  using different 
camera binning setups: 1x1 (black curve), 2x2 (grey curve), 3x3(blue curve) and 4x4 (red 
curve) (n=3) (C) Close-up curves shows the dynamics of o-geNOp signals in part A. (D) 
Bar graphic represents average maximum responses of O-geNOp signals in addition to 1 
μM NOC-7 under different binning conditions: 1x1 (black bar), 2x2 (grey bar), 3x3(blue 
bar), 4x4 (red bar). (E) Bar graphic represents average rate of change in O-geNOp signals 
in response to 1 μM NOC-7 under different binning conditions: 1x1 (black bar), 2x2 (grey 
bar), 3x3(blue bar), 4x4 (red bar). Data presented as mean±SEM. One-way ANOVA and 
Tukey’s multiple comparison test are performed. p-values were indicated in bar graphs 
(n=3)  

 

Figure 3.18: Binning factor does affect O-geNOp signals 



 88 

 In HyPer imaging, we observed that the HyPer Low channel was severely affected 

by the binning factor due to higher excitation light intensity under low binning conditions. 

To excite HyPer, we use shorter wavelengths compared to O-geNOp, specifically 430 nm 

excitation light for the HyPer Low setup, which has higher energy. We suspect that 430 

nm light can cause photobleaching in HyPer imaging. To investigate this, we conducted 

experiments using the green version of geNOp, which has a similar emission wavelength 

as HyPer. 

 

We imaged G-geNOp using two different optical setups. The first setup was a regular 

GFP setup with a 475 nm excitation wavelength and emission collected at 525 nm. The 

second setup was the HyPer7 optical setup, which uses two excitation wavelengths, 430 

nm and 475 nm, with emission collected at 525 nm. We started with the first setup, using 

G-geNOp expressing endothelial cells, and provided NOC-7 after treatment with L-

NAME under two different camera binning setups: 1x1 and 4x4. 

 

In the regular GFP setup, we compared the responses of G-geNOp to NOC-7 using 

varying binning setups. Signals obtained using the 1x1 binning setup were slightly slower, 

but not significantly so (Figure 3.19A, left panel). We also compared the amplitude of 

the signals between the 1x1 and 4x4 setups and found no significant difference in 

amplitude (Figure 3.19A, right panel). 

Next, we used the second optical setup, imaging G-geNOp using the HyPer7 optical 

setup. We observed that 1x1 binning significantly affected the NOC-7 responses of G-

geNOp, while signals obtained with 4x4 binning were robust (Figure 3.19B, left panel). 

Additionally, we compared the amplitude of the signals and found that 1x1 binning 

significantly decreased the maximum response of G-geNOp to the same concentration of 

the NO donor compared to 4x4 binning. 

Thus, the presence of higher energy wavelength during the excitation of biosensors 

affects the performance of a biosensor because higher energy wavelength causes 

photostress [98]. Binning factor comes with an importance due to decrease in binning 
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factor requires increase excitation light intensity due to resolution increase. This issue is 

important for multiparametric imaging where two different biosensors is used. 

 

 

 

 

 

 

 

 

 

 

 

 

(A) Average curves represent real-time G-geNOp signals in response 1 μM NOC-7 using 
different camera binning settings including 4x4 (red curve) and 1x1 (grey curve). All 
experiments have been visualized with standard GFP imaging settings using Ex: 475 nm 
and Em: 525 nm. Bars show maximum amplitudes of G-geNOp signals in EA.hy926 cells 
in response to 1 µM NOC-7 (n=3). (B) Average curves represent real-time G-geNOp 
signals in response 1 μM NOC-7 using different camera binning settings including 4x4 
(red curve) and 1x1 (grey curve). All experiments have been visualized with HyPer 
optical setup Ex:430nm and 475 nm and Em: 525 nm. Bars show maximum amplitudes 
of G-geNOp signals in EA.hy926 cells in response to 1 µM NOC-7 (n=3). Data presented 
as mean±SEM. Student’s t-test is performed. p-values were indicated in bar graphs (n=3)  

 

After optimizing the binning factor for each biosensor, we proceeded to investigate 

the differences between imaging devices. Until now, we have used a widefield 

epifluorescence microscope for live-cell imaging. However, spinning disk confocal 

microscopes offer high contrast and fast live-cell imaging. Therefore, we examined the 

performance of HyPer7 and O-geNOp using both widefield epifluorescence and spinning 

Figure 3.19: Effects of camera binning and visualization method on G-geNOp 
signals 
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disk confocal microscopes.To investigate HyPer responses using different imaging 

devices, EA.hy926 cells expressing HyPer were subjected to live-cell imaging. 

Representative images were obtained using either a widefield microscope (WF) or a 

spinning disk confocal microscope (SD), demonstrating that SD provides higher contrast 

compared to WF (Figure 3.20A). Additionally, the SD is equipped with a specialized 

camera dedicated to live-cell imaging. Cells were treated with H2O2, and the responses 

were compared. Both WF and SD imaging resulted in robust HyPer responses with 

similar trends (Figure 3.20B, left panel). Comparing the maximum responses revealed 

no significant difference in HyPer signals between the two imaging devices (Figure 

3.20B, right panel). This indicates that HyPer imaging is not affected by higher contrast 

imaging. 

  

 

 

 

 

 

 

 

 

 

 

 

 

 

(A) Representative fluorescence images of EA.hy926 cells expressing H.7-NES using 
widefield fluorescence microscope (left panel) and spinning disk confocal microscope 
(right panel). Scale bar represents 20 μm (B) Graphic in left panel represents average 
HyPer signals in response to 25 μM of H2O2 utilizing different imaging devices widefield 
(black line) and spinning disk (red line) microscopes. Bar graph in right panel indicates 
fold change in HyPer signals of cells in response 25 μM of H2O2  . HyPer signal obtained 
via widefield (black bar) or spinning disk (red bar) microscopes. Data presented as 
mean±SEM. Student’s t-test is performed. p-values were indicated in bar graphs (n=3). 

Figure 3.20: Visualizing HyPer signals in different imaging rigs. 
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 Next, we investigated O-geNOp using different imaging devices. EA.hy926 cells 

expressing O-geNOp were imaged using either a  WF or SD. The SD images 

demonstrated higher contrast compared to the WF images (Figure 3.21A). These cells 

were then used for live-cell imaging with WF and SD by providing NOC-7 after treatment 

with L-NAME. O-geNOp signals obtained in response to NOC-7 were similar across both 

imaging devices (Figure 3.21B, left panel). Additionally, when comparing the maximum 

responses of O-geNOp, there was no significant difference between signals obtained via 

WF or SD (Figure 3.21B, right panel). Thus, O-geNOp dynamics were also not affected 

by the imaging device. 

(A) Representative fluorescence images of EA.hy926 cells expressing O-geNOp-NES 
using widefield fluorescence microscope (left panel) and spinning disk confocal 
microscope (right panel). Scale bar represents 20 μm (B) Graphic in left panel represents 
average O-geNOp signals in response to 1 μM of NOC-7 and pre-treated with 500 μM L-
NAME utilizing different imaging devices widefield (black line) and spinning disk (red 
line) microscopes. Bar graph in right panel indicates fold change in geNOp signals of 
cells in response1 μM of NOC-7. geNOp signal obtained via widefield (black bar) or 
spinning disk (red bar) microscopes. Data presented as mean±SEM. Student’s t-test is 
performed. p-values were indicated in bar graphs (n=3). 

Figure 3.21: Visualizing geNOp signals in different imaging rigs. 



 92 

 

 Ambient temperature is physiologically important because mammalian-derived 

cells typically experience conditions at 37°C, unlike room temperature (RT). 

Additionally, biosensors contain fluorescent proteins derived from cold-blooded 

animals[99]. Therefore, we hypothesized that temperature could affect the kinetics of 

these biosensors. To test this, we compared the performance of each biosensor at different 

temperatures, specifically RT and 37°C. 

 

EA.hy926 cells expressing HyPer were imaged under different ambient temperatures. 

During live-cell imaging, H2O2 was provided, and HyPer responses were traced. 

According to the HyPer signals, temperature change did not affect the responses in the 

presence of H2O2 (Figure 3.22A, left panel). Comparing the maximum responses, there 

was no significant difference (Figure 3.22A, right panel). Next, we compared O-geNOp 

signals using cells expressing O-geNOp. After L-NAME treatment, cells were provided 

with NOC-7, and signals were recorded. Similar to the HyPer results, we observed 

comparable signals at both ambient temperatures (Figure 3.22B, left panel). 

Additionally, the maximum responses at different ambient temperatures were not 

significantly different (Figure 3.22B, right panel). 

 

Our study demonstrated that ambient temperature variations between room 

temperature (RT) and physiological temperature (37°C) do not significantly affect the 

performance of the HyPer7 and O-geNOp biosensors. Both biosensors showed similar 

responses to H2O2 and NO donors, respectively, regardless of the ambient temperature. 

This shows that the fluorescent proteins in these biosensors are stable and reliable under 

different temperature conditions, making them suitable for various experimental setups. 

These findings provide confidence that HyPer7 and O-geNOp can be effectively used in 

live-cell imaging studies without concern for temperature-induced variability in their 

signal kinetics. 
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(A) Graphic shows  responses of EA.hy926 cells expressing H.7-NES imaged under RT 
(black line) or 37 °C (red line) in response to 25 μM H2O2. Right panel shows the 
maximum responses of HyPer while ambient temperature is RT (black bar) or 37 °C (red 
bar). (B) Graphic shows  responses geNOp signals of EA.hy926 cells expressing O-
geNOp-NES imaged under RT (black line) or 37 °C (red line) pre-treated with 500 μM 
L-NAME then provided with 1 μM NOC-7 as indicated. Right panel shows the maximum 
responses of geNOp while ambient temperature is RT (black bar) or 37 °C (red bar). Data 
presented as mean±SEM. Student’s t-test is performed. p-values were indicated in bar 
graphs (n=3). 

 

 After determining the optimal imaging parameters, we used these settings for 

multiparametric imaging. We chose to use 4x4 binning for live-cell imaging. For ease of 

use, we decided to image cells using a widefield fluorescence microscope under room 

temperature conditions. Access to the spinning disk confocal microscope is limited and 

maintaining  ambient temperature of 37°C requires special equipment. Therefore, for live-

cell imaging, we set the parameters to 4x4 binning, room temperature conditions, and the 

use of a widefield fluorescence microscope. 

Figure 3.22:Effect of ambient temperature on HyPer and geNOp signals 
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To visualize both molecules, cells expressing both biosensors were imaged under 

optimized conditions. Both H2O2 and NO were administered exogenously. In the first set 

of experiments, H2O2 was provided first, followed by NO (Figure 3.23A). In the presence 

of H2O2, there was no change in NO signals, and the provision of NO did not affect H2O2 

levels. We then performed the same experiment in reverse order, providing NO first and 

then H2O2 (Figure 3.23B). Under optimized parameters, we successfully visualized both 

molecules simultaneously. 

(A) Average curve represents simultaneous measurements of cells expressing both 
H.7-NES  and O-geNOp-NES. Curves represent signals of HyPer (green line, right Y-
axis) and O-geNOp (orange line, left-axis) after providing 25μM H2O2 and 1μM NOC-7, 
respectively (B) Same experimental setup in part A but NO and H2O2 provided in 
opposite order. 

After successfully imaging exogenous H2O2 and NO simultaneously, we conducted 

experiments where both molecules were endogenously produced. We used two different 

binning setups to emphasize the effect of binning on measuring low concentrations of NO 

and H2O2. Histamine was used to produce endogenous NO, while auranofin, an inhibitor 

of thioredoxin reductase, was used to accumulate H2O2 intracellularly. Initially, we set 

the camera binning to 1x1. Histamine stimulation did not produce a robust NO signal, but 

auranofin treatment led to an increase in the HyPer signal (Figure 3.24A). Additionally, 

auranofin did not yield any NO signals. When we set the camera binning to 4x4, we 

observed robust NO production following histamine treatment. Auranofin also resulted 

in strong H2O2 production compared to 1x1 binning (Figure 3.24B). Comparing the 

responses of O-geNOp in the presence of histamine or auranofin showed that histamine 

stimulation was not visible with 1x1 binning and significantly lower when comparing O-

Figure 3.23: Simultaneous imaging of exogenous NO and H2O2 in different order 
under optimized conditions. 
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geNOp signals between 1x1 and 4x4 binning. Auranofin did not produce robust NO 

signals under either condition (Figure 3.24C). 

 

Maximum responses of HyPer were compared, and auranofin-derived H2O2 

production was significantly more pronounced with 4x4 binning. Histamine did not yield 

any HyPer response (Figure 3.24D). The binning factor affected both HyPer and O-

geNOp signals during simultaneous imaging when both molecules were endogenously 

produced because concentration of endogenous production was lower compared to 

exogenous application. Therefore, lower binning is not suitable for endogenous signaling 

during simultaneous imaging. 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 (A) EA.hy926 cells expressing both H.7-NES and O-geNOp-NES imaged using 1x1 
binning setup. Traces represent signals of HyPer (green line, right Y-axis) and geNOp 
(orange line, left Y-axis) in response to 30 μM histamine and 3 μM auranofin. (B) Same 
experimental setup with part A but 4x4 binning setup is used. (C) Maximum responses of 
geNOp in different binning setups in the presence of histamine or auranofin (D) 
Maximum responses of HyPer in different binning setups in the presence of histamine or 
auranofin. Data presented as mean±SEM. Student’s t-test is performed. p-values were 
indicated in bar graphs (n=3). 

Figure 3.24: Simultaneous imaging of endogenously produced H2O2 and NO under 
different binning conditions. 



 96 

In this part of the study, we focused on optimizing live-cell imaging for the 

simultaneous detection of H2O2 and NO using the biosensors HyPer7 and O-geNOp. Our 

experiments demonstrated that the camera binning factor plays a crucial role in enhancing 

signal detection in HyPer but not in O-geNOp, if a biosensor excited using high energy 

photons such as HyPer Low channel of Hyper7 biosensor (Figure 3.15 and Figure 3.16). 

Low binning increases resolution but it requires more excitation light intensity. Studies 

shown that fluorescent proteins when illuminated with a high energy light can cause 

photobleaching and phototoxicity [100], [101].Using a 4x4 binning setup significantly 

improved the signal-to-noise ratio, making it more effective for capturing endogenous 

signals compared to the 1x1 binning setup. This improvement was evident in the robust 

detection of NO following histamine stimulation and H2O2 accumulation via auranofin 

treatment (Figure 3.24). 

 

Additionally, we evaluated the impact of different imaging devices on biosensor 

performance. Both widefield epifluorescence and spinning disk confocal microscopy 

provided consistent results for HyPer7 and O-geNOp signals, indicating that high contrast 

imaging does not significantly affect responses of these biosensors (Figure 3.21 and 

Figure 3.22). Furthermore, our assessment of ambient temperature effects revealed that 

both HyPer7 and O-geNOp maintained stable performance at room temperature and 

physiological temperature (37°C), underscoring their reliability under varying 

experimental conditions (Figure 3.23). Although we did not observe any intervention 

related to temperature but before doing multiparametric imaging scientist should consider 

physiological temperatures to monitor signaling events using various biosensors. 

 

These optimizations are critical for accurate multiparametric imaging, as they ensure 

that both biosensors function optimally without interference from imaging parameters. 

Although we successfully measured both molecules simultaneously, we couldn’t find any 

evidence that acute increase in H2O2 affects the production of NO or vice versa. For that 

reason, we need to focus more on physiology after we optimized the imaging parameters. 
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Effect of pericellular O2 in relationship of H2O2 and NO 

 

 

 Oxygen is a critical factor, primarily used as an electron acceptor in physiological 

processes. It plays a pivotal role in many functions, such as in the electron transport chain 

(ETC), where O2 is reduced to H2O. However, during electron transport, superoxide is 

also formed. The utilization of O2 is central to the topic of reactive oxygen species (ROS) 

because superoxide is the most studied form of ROS. O2 affects the production of H2O2 

through the dismutation of superoxide and is directly involved in H2O2 production via 

enzymes like NADPH oxidases [102]. Additionally, O2 influences NO formation, 

impacting production steps and the formation of peroxynitrite through reactions with 

superoxide [103]. 

 

Atmospheric O2 is about 20.9 kPa, but our body experiences O2 levels ranging 

between 12 and 0.5 kPa, depending on the organ [104]. Endothelial cells experience O2 

levels around 5 kPa. In vitro studies are often conducted under room air conditions, which 

have higher O2 concentrations (18 kPa) compared to physiological conditions. Studies 

indicate that high O2 levels affect antioxidant mechanisms [105], [106], due to increased 

ROS formation. Moreover, recent findings highlight that physiologically relevant O2 

conditions increase the bioavailability of NO and increases the expression of eNOS [107], 

[108] 

 

Due to its role in ROS formation and NO bioavailability, we need to consider the 

ambient O2 conditions while we are investigating the relationship of H2O2 and NO. Our 

recent work highlighted the importance of O2 levels in NO signaling and geNOp function. 

In that study we compared the room air condition (18 kPa O2 or Hyperoxic) with 

physiologically relevant O2 condition (5 kPa O2 or Normoxic). Normoxic conditions 

increased NO bioavailability and uptake of iron which positively affects geNOp function 
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[107]. However, there is no study highlights that redox tone of the cells using HyPer under 

normoxic conditions. 

 

To investigate the relationship between H2O2 and NO under more physiological 

conditions, we need to understand the behavior of cells expressing HyPer and geNOp. 

While we have previously demonstrated the activity of geNOp, we have not yet done so 

for HyPer. Therefore, we began our investigation by using HyPer under physiological 

normoxia (5 kPa) and hyperoxia (18 kPa). 

 

Initially, we aimed to determine the optimal adaptation period for cells to 

physiological normoxia. To this end, HyPer-expressing endothelial cells were incubated 

at 5 kPa O2 levels for 24 hours, while another set of cells was adapted to 5 kPa O2 by 

culturing them for at least 5 days. These cells were then used for experiments with a plate 

reader equipped with atmospheric control to maintain O2 levels at 5 kPa. During the 

experiments, cells were challenged with auranofin to induce intracellular production of 

H2O2. According to HyPer signals, cells incubated for 24 hours were more responsive to 

auranofin compared to adapted cells (Figure 3.25A). Additionally, the kinetics of HyPer 

signals were different. 

 

Comparing the basal levels of H2O2 using basal HyPer signals prior to auranofin 

challenge demonstrated that adaptation to physiological normoxia (5 kPa O2) led to a 

substantial decrease in basal levels of H2O2 (Figure 3.25B). We also compared the 

maximum responses of HyPer upon auranofin challenge. HyPer signals indicated that 

adaptation to 5 kPa O2 conditions significantly influenced the production of H2O2 (Figure 

3.25C). Furthermore, examining the HyPer kinetics revealed that adaptation to 

physiological normoxia significantly slowed the production rate of H2O2 (Figure 3.25D). 

 

To obtain physiologically relevant redox tone. Cells need to be adapted to 

physiological normoxia at least for 5 days.  
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Double stable EA.hy926 cells were cultured under 5 kPa O2 conditions either for 24 
hours (24 h) or cultured at least 5 days (Adapted). (A) Cells challenged with 1 μM 
auranofin then HyPer responses were recorded under 5 kPa O2. Adapted cells’ responses 
were traced in red and 24 hour incubated cells’ responses (24h) traced in black. (B) Basal 
HyPer ratios of each group calculated. Bar graph represents average HyPer basal ratios 
of 24 hours incubated cells (black bar), adapted cells (red bar) (C) Bar graph represents 
the maximum HyPer responses of cells either 24 hours incubated (black bar) or adapted 
cells (red bar) challenged with auranofin. (D) Bar graph represents rate of HyPer ratio 
change in response to auranofin challenge in cells either 24 hours incubated (black bar) 
or adapted cells (red bar). Data presented as mean±SEM. Student’s t-test is performed. p-
values were indicated in bar graphs (n=3). 

 

 After determining that cells require adaptation to 5 kPa O2 to achieve 

physiological conditions, we cultured the cells for at least 5 days prior to experiments. 

Following adaptation, we began comparing HyPer dynamics in cells adapted to hyperoxia 

(18 kPa O2) versus normoxia (5 kPa O2). Cells were injected with H2O2 exogenously. 

HyPer signals demonstrated that the addition of H2O2 caused an instant increase in both 

conditions (Figure 3.26A). Surprisingly, the decrease in HyPer signals after H2O2 

addition was faster in cells adapted to 5 kPa O2. Additionally, we compared the basal 

H2O2 levels by examining the basal HyPer signals before the addition of H2O2. As 

Figure 3.25: Adaptation of cells to 5 kPa affects HyPer dynamics 
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expected, adaptation to normoxia led to a significant decrease in basal H2O2 levels 

(Figure 3.26B). However, when comparing the amplitude of maximum HyPer signals, 

there was no significant difference (Figure 3.26C). Finally, we analyzed the decrease in 

HyPer signals, representing the scavenging rate of H2O2. Normoxia adaptation caused a 

significant increase in the scavenging rate of H2O2 compared to hyperoxia-adapted cells 

(Figure 3.26D). 

 

Double stable EA.hy926 cells were maintained under 18 kPa or 5 kPa O2 conditions at 
least 5 days. After adaptation cells were used for HyPer experiments. (A) Graphic 
represents HyPer responses of cells adapted to 18 kPa (black line) or 5 kPa O2 (red line) 
in response to 10 μM H2O2 injection. (B) Bar graph represents basal HyPer ratio of cells 
adapted to 18 kPa (black bar) or 5 kPa O2 (red bar). Ratios were measured before addition 
of H2O2. (C) Bar graph indicates maximum HyPer responses of the cells adapted to 18 
kPa (black bar) or 5 kPa O2 (red bar) in response to 10 μM H2O2. (D) Bar graphic 
demonstrates rate of change in HyPer ratio of the cells adapted to 18 kPa (black bar) or 5 
kPa O2 (red bar) after HyPer ratio is peaked in addition to 10 μM H2O2. Data presented 
as mean±SEM. Student’s t-test is performed. p-values were indicated in bar graphs (n=3).  

 

 

Figure 3.26: HyPer kinetics under varying O2 conditions in response to exogenous 
H2O2. 
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After observing the increased scavenging rate of H2O2 under 5 kPa O2 levels, we 

examined the effect of antioxidant enzymes such as catalase (CAT) and superoxide 

dismutase (SOD). EA.hy926 cells expressing HyPer were adapted to physiological 

normoxia (5 kPa O2) or hyperoxia (18 kPa O2). These cells were then pre-treated with 

PEG-CAT or PEG-SOD prior to the experiments. As a control, some cells were not treated 

with any enzyme. During the experiments, 5 kPa O2 adapted cells were challenged with 

auranofin. According to the HyPer curves, CAT treatment reduced HyPer signals, 

whereas SOD treatment did not have the same effect (Figure 3.27A). Cells adapted to 18 

kPa O2 were also challenged with auranofin. CAT treatment attenuated the auranofin-

induced HyPer response even more effectively in the 18 kPa adapted cells compared to 

the 5 kPa adapted cells (Figure 3.27B). 

 

 When comparing the maximum responses of HyPer to auranofin challenge in the 

presence of CAT or SOD under varying O2 conditions, CAT treatment attenuated the 

production of H2O2 in both physiological normoxia-adapted cells and hyperoxia-adapted 

cells, as indicated by the maximum HyPer responses. Control cells and SOD-treated cells 

showed significantly different maximum responses under varying O2 conditions (Figure 

3.27C). Additionally, we compared the production rate of H2O2 by analyzing the change 

in HyPer ratio after auranofin challenge. CAT treatment under varying O2 conditions 

substantially decreased the rate of H2O2 production, whereas SOD treatment did not 

(Figure 3.27D). 

 

 These experiments demonstrated that auranofin directly induces the production of 

H2O2 rather than producing superoxide, which is then converted to H2O2. This conclusion 

is supported by the fact that only catalase treatment significantly attenuated both the 

amount and rate of H2O2 production under both O2 conditions. Additionally, we observed 

that cells adapted to 5 kPa O2 produced less H2O2 compared to those adapted to 18 kPa 

O2, as expected. Notably, catalase treatment in 18 kPa O2 conditions resulted in H2O2 

production levels similar to those seen in cells adapted to 5 kPa O2. This observation 

suggests that cells adapted to 5 kPa O2 may possess higher antioxidant activity compared 

to those adapted to 18 kPa O2. 
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EAhy.926 cells expressing H.7-NES cultured under 18 kPa or 5 kPa O2 for 5 days. 2 
hours prior to experiments cells were treated with 200 U/ml PEG-Catalase (+CAT) or 20 
U/ml PEG-SOD (+SOD) or no treatement (Control). (A) Cells were cultured under 5 kPa 
challenged with 1 μM auranofin and graphic represents the HyPer responses of Control 
(black line), +CAT (red line) and +SOD (blue line) cells. (B) Same experimental setup in 
Part A but performed under 18 kPa O2 condition. (C) Bar graph represents maximum 
HyPer ratio of cells cultured under 18 kPa or 5 kPa O2 conditions in response to auranofin 
challenge. Bars represent maximum responses of cells treated with catalase (red bars), 
SOD (blue bars) or control (black bars). (D) Bar graph represents rate of change in HyPer 
ratio of cells cultured under 18 kPa or 5 kPa O2 conditions and treated with catalase (red 
bars), SOD (blue bars). Black bars represent the rate of change in HyPer ratios of control 
cells Data presented as mean±SEM. Student’s t-test is performed for each condition. p-
values were indicated in bar graphs (n=3).   

 

After elucidating H2O2 dynamics under physiological normoxia using HyPer, we 

aimed to understand the relationship between H2O2 and NO under 5 kPa O2 conditions. 

The interplay between these two molecules might be influenced by the excessive presence 

of O2 due to changes in NO bioavailability and differences in antioxidant machinery. To 

investigate this, EA.hy926 cells expressing HyPer and O-geNOp were adapted to both 5 

kPa O2 and 18 kPa O2 levels. Adapted cells were treated with exogenous H2O2, and both 

Figure 3.27: Effect of SOD and CAT HyPer dynamics under varying O2 

conditions. 
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NO and H2O2 levels were monitored. In cells adapted to both 18 kPa O2 and 5 kPa O2, a 

short pulse of exogenous H2O2 elicited a robust response. However, no changes in NO 

signals were observed upon the addition of H2O2 (Figure 3.28A and Figure 3.28B). 

We compared the basal levels of H2O2 under varying O2 conditions and found that 

cells adapted to 5 kPa O2 had significantly lower H2O2 levels under resting conditions 

(Figure 3.28C, left panel). The response to a short pulse of exogenous H2O2 was similar 

when comparing the maximum responses of HyPer under different O2 conditions (Figure 

3.28C, middle panel). Following H2O2 provision, we assessed geNOp responses to 

determine if H2O2 provision led to an increase in NO levels. However, no significant 

differences were observed (Figure 3.28C, right panel). 

EA.hy926 cells expressing H.7-NES and O-geNOp-NES were cultured under 18 kPa 
or 5 kPa O2 at least for 5 days. Cells were challenged with 25 μM H2O2 and responses 
were recorded. (A) Graphic represents simultaneous imaging cells cultured under 18 kPa 
O2 provided with 25 μM H2O2 as indicated. Traces demonstrate  average HyPer (green 
line, left Y-axis), and O-geNOp (orange line, right Y-axis) signals in response to H2O2. 
(B) Same experiments were performed with cells cultured under 5 kPa O2. (C) Bar graphs 
demonstrate basal HyPer ratios (left panel), maximum HyPer responses in response to 
H2O2 (middle panel) and average O-geNOp signals in response to H2O2 (right panel). 
Bars have bold color indicate signals obtained from cells adapted to 18 kPa and light-
colored bars represent 5 kPa adapted cells. Data presented as mean±SEM. Student’s t-test 
is performed for each condition. p-values were indicated in bar graphs (n=3).   

Figure 3.28: Exogenous H2O2 did not yield robust NO response under varying 
O2 conditions. 
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Then we investigated the H2O2 and NO relationship under varying O2 conditions by 

producing intracellular H2O2 using auranofin instead of exogenously applied H2O2. For 

that purpose, cells expressing both biosensors adapted to 5 kPa O2 and 18 kPa O2. 

EA.hy926 cells expressing H.7-NES and O-geNOp-NES were cultured under 18 kPa or 
5 kPa O2 at least for 5 days. Cells were challenged with 3 μM auranofin and responses 
were recorded. (A) Graphic represents simultaneous imaging cells cultured under 18 kPa 
O2 provided with 3 μM auranofin as indicated. Traces demonstrate  average HyPer (green 
line, left Y-axis), and O-geNOp (orange line, right Y-axis) signals in response to auranofin 
challenge. (B) Same experiments were performed with cells cultured under 5 kPa O2. (C) 
Bar graphs demonstrate basal HyPer ratios (left panel), maximum HyPer responses in 
response to auranofin (middle panel) and average O-geNOp signals in response to 
auranofin (right panel). Bars have bold color indicate signals obtained from cells adapted 
to 18 kPa and light-colored bars represent 5 kPa adapted cells. Data presented as 
mean±SEM. Student’s t-test is performed for each condition. p-values were indicated in 
bar graphs (n=3).   

 

 

 Cells were used in live-cell imaging and challenged with auranofin. Under both 

O2 conditions, auranofin induced robust production of H2O2. Surprisingly, we observed 

an increase in O-geNOp signals in response to auranofin in cells adapted to 5 kPa O2 

Figure 3.29: Endogenous production of H2O2 yielded robust NO response under 5 
kPa O2 conditions. 
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(Figure 3.29A and Figure 3.29B). Additionally, we compared the basal H2O2 levels of 

differentially adapted cells and found that cells adapted to 5 kPa O2 had significantly 

lower H2O2 levels under resting conditions (Figure 3.29C, left panel). Maximum 

responses of HyPer upon auranofin challenge were also significantly lower in 5 kPa O2 

adapted cells, as previously demonstrated (Figure 3.29C, middle panel). Moreover, 

maximum O-geNOp signals were compared after auranofin challenge, revealing that 5 

kPa O2 adapted cells showed a robust NO increase compared to 18 kPa O2 adapted cells. 

This was the first demonstration of a direct relationship between H2O2 and NO. 

 

 After observing NO signals upon auranofin challenge, we sought to investigate 

the source of this signal. We initially decided to use L-NAME, an inhibitor of eNOS 

function. For this purpose, cells adapted to 18 kPa or 5 kPa O2 levels were used in live-

cell imaging. Cells were challenged with auranofin, followed by the addition of L-

NAME. As expected, auranofin induced robust H2O2 production in both 18 kPa and 5 kPa 

O2 adapted cells. No NO signals were observed during live-cell imaging (Figure 3.30A 

and Figure 3.30B). 

 

Consistent with our previous findings, basal H2O2 levels were significantly different 

between the two conditions, with 5 kPa O2 adapted cells showing lower basal H2O2 levels 

(Figure 3.30C, left panel). Additionally, auranofin-induced H2O2 production was 

significantly higher in 18 kPa O2 adapted cells (Figure 3.30C, middle panel). When we 

compared O-geNOp signals after auranofin challenge in the presence of L-NAME, we 

found that there were no robust NO signals under either condition, and there was no 

significant difference between cells adapted to 18 kPa and 5 kPa O2. Previously, we 

observed significant NO signals under 5 kPa O2 conditions, but these signals were 

diminished by L-NAME, confirming the involvement of eNOS in NO production. 
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EA.hy926 cells expressing H.7-NES and O-geNOp-NES were cultured under 18 kPa or 
5 kPa O2 at least for 5 days. Cells were challenged with 3 μM auranofin and subsequently 
500 μM L-NAME is provided to cells. (A) Graphic represents simultaneous imaging cells 
cultured under 18 kPa O2 provided with 3 μM auranofin and 500 μM L-NAME as 
indicated. Traces demonstrate  average HyPer (green line, left Y-axis), and O-geNOp 
(orange line, right Y-axis) signals in response to auranofin challenge. (B) Same 
experiments were performed with cells cultured under 5 kPa O2. (C) Bar graphs 
demonstrate basal HyPer ratios (left panel), maximum HyPer responses in response to 
auranofin (middle panel) and average O-geNOp signals in response to auranofin and L-
NAME (right panel). Bars have bold color indicate signals obtained from cells adapted 
to 18 kPa and light-colored bars represent 5 kPa adapted cells. Data presented as 
mean±SEM. Student’s t-test is performed for each condition. p-values were indicated in 
bar graphs (n=3).   

 

We observed that 5 kPa O2 adaptation led to an investigation of the direct relationship 

between H2O2 and NO. Next, we sought to investigate the effect of low levels of H2O2 

adaptation on NO dynamics using cells adapted to 5 kPa O2 and 18 kPa O2. To this end, 

we treated cells expressing O-geNOp with 25 µM H2O2 under different ambient O2 

conditions. The purpose of this experiment was to demonstrate how differential 

antioxidant capacity affects NO signals. 

Figure 3.30: L-NAME diminished NO signals in response to endogenous 
production of H2O2 in 5 kPa O2. 
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We prepared an experimental setup using O-geNOp-expressing cells. Cells were 

adapted to 25 µM H2O2 for 5 days under either 18 kPa O2 or 5 kPa O2 conditions. The 

cells were then used for live-cell imaging. To evoke NO production, we used ATP 

followed by the addition of L-NAME. Cells adapted to 18 kPa O2 responded to ATP and 

produced NO, but H2O2-treated cells were more responsive to ATP (Figure 3.31A, left 

panel). The ATP responses of treated and control cells were significantly different, with 

low levels of H2O2 treatment leading to an increase in maximum NO responses (Figure 

3.31A, right panel). 

 

Next, we used treated and control cells adapted to 5 kPa O2. ATP stimulation created 

robust NO responses in both sets of cells, but the NO response was significantly higher 

in treated cells (Figure 3.31B, left panel). Surprisingly, the decrease in NO levels took 

longer in 5 kPa O2-adapted cells compared to 18 kPa O2-adapted cells upon the addition 

of L-NAME. Additionally, when comparing the maximum geNOp responses to ATP 

stimulation, there was no significant difference between the responses of treated cells and 

control cells (Figure 3.31B, right panel). 

 

 

 



 108 

 

EA.hy926 cells expressing O-geNOp were cultured with 25 µM H2O2 (Treated) or 
without (Control) for five days under 18 kPa O2 or 5 kPa O2 conditions. (A) EA.hy926 
cells cultured under 18 kPa O2 were used for live-cell imaging. O-geNOp signals were 
traced using cells either treated with H2O2 (Treated, red line) or not (Control, black line) 
upon stimulation with  30 µM ATP and subsequent addition 500 µM L-NAME. Bar graph 
on the left panel represents the maximum responses of treated cells (red bar) or control 
cells (black bar) adapted to 18 kPa O2. (B) Same experimental setup in part A for cells 
cultured under 5 kPa O2 conditions. Data presented as mean±SEM. Student’s t-test is 
performed for each condition. p-values were indicated in bar graphs (n=3).   

 

In this study, we aimed to explain the relationship between H2O2 and NO under 

varying pericellular O2 conditions, focusing on the physiological normoxia (5 kPa O2) 

and hyperoxia (18 kPa O2). Our experiments employed EA.hy926 endothelial cells 

expressing the biosensors HyPer and O-geNOp, which allowed us to monitor H2O2 and 

NO dynamics in real-time. 

 

Figure 3.31:Effect of  low levels of H2O2 treatment in NO signaling under varying 
O2 conditions. 
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Initially, we established that cells require adaptation to 5 kPa O2 to mimic 

physiological conditions accurately (Figure 3.25). The adaptation process involved 

culturing the cells at 5 kPa O2 for at least five days, which led to significant changes in 

H2O2 dynamics compared to cells adapted to hyperoxia (18 kPa O2). The reduced basal 

levels of H2O2 in normoxia-adapted cells indicate a lower oxidative stress environment. 

 

Our findings showed that upon exogenous H2O2 administration, HyPer signals 

increased instantly in both normoxia- and hyperoxia-adapted cells. However, the 

subsequent decrease in HyPer signals, indicative of H2O2 scavenging, was faster in 

normoxia-adapted cells (Figure 3.26). This suggests that cells adapted to 5 kPa O2 

possess more active antioxidant mechanisms although, adaptation to 5 kPa O2 causes a 

decrease in expression of certain antioxidant genes such as HO-1 and NQO1 [106].The 

increased scavenging rate of H2O2 in normoxia-adapted cells underscores the importance 

of maintaining physiological O2 levels for optimal cellular function and redox 

homeostasis. Moreover, we demonstrated that catalase is effective in attenuating 

auranofin-related H2O2 production, whereas SOD is not (Figure 3.27). Additionally, 

maintaining the cells under 5 kPa O2 creates an effect similar to catalase treatment. In 

these experiments, we provided catalase extracellularly. To prevent an instant increase or 

higher production rate of H2O2, more catalase is required by the cells. From this 

perspective, we can consider that adaptation to 5 kPa O2 enhances the availability of 

antioxidant enzymes such as catalase. 

 

When investigating the interplay between H2O2 and NO, we observed that exogenous 

H2O2 did not alter NO signals in either normoxia- or hyperoxia-adapted cells (Figure 

3.28). This result was consistent across different experimental setups, indicating that 

acute H2O2 exposure does not directly affect NO bioavailability under the conditions 

tested. However, when cells were challenged with auranofin, a thioredoxin reductase 

inhibitor, we observed robust H2O2 production in both O2 conditions. Interestingly, 

normoxia-adapted cells showed a significant increase in NO production upon auranofin 

challenge, which was not observed in hyperoxia-adapted cells (Figure 3.29). This 

suggests a unique interplay between H2O2 and NO under physiological O2 levels, possibly 

mediated by enhanced eNOS activity or altered redox-sensitive signaling pathways. To 
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further investigate the source of NO production in response to auranofin, we employed 

L-NAME, an eNOS inhibitor. The addition of L-NAME abolished the NO signals 

observed in normoxia-adapted cells upon auranofin challenge, confirming the 

involvement of eNOS in this process (Figure 3.30). The lack of NO response in 

hyperoxia-adapted cells suggests that excessive O2 levels may impair eNOS function or 

NO bioavailability, possibly due to increased oxidative stress and subsequent NO 

scavenging by reactive oxygen species. 

 

Moreover, we explored the effect of low-level H2O2 adaptation on NO dynamics. 

Cells were treated with 25 µM H2O2 for five days under both normoxia and hyperoxia 

conditions. The results indicated that H2O2-treated cells were more responsive to ATP-

induced NO production compared to control cells under hyperoxia, but ATP responses 

were similar under normoxia conditions (Figure 3.31). This enhanced responsiveness 

highlights the potential role of low-level H2O2 as a preconditioning agent, potentially 

upregulating eNOS expression or activity and improving NO bioavailability under 

hyperoxic conditions.  However, ATP responses of cells adapted normoxia were higher 

compared to hyperoxia adapted cells indicating enhanced NO dynamics under normoxic 

conditions. The prolonged decrease in NO levels upon L-NAME addition in normoxia-

adapted cells further supports the notion of heightened eNOS activity under physiological 

O2 conditions. 

 

Overall, this part of the study provides critical insights into the differential effects of 

physiological normoxia and hyperoxia on H2O2 and NO dynamics in endothelial cells. 

The enhanced antioxidant capacity and eNOS activity observed in normoxia-adapted 

cells underscore the importance of maintaining appropriate O2 levels for endothelial 

function and redox balance. These findings have significant implications for 

understanding the role of oxidative stress in vascular physiology and pathology, 

particularly in conditions characterized by altered O2 levels, such as ischemia-reperfusion 

injury, chronic inflammation, and cardiovascular diseases. 
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Concluding reflections and future studies 

 

In this part of the study, we investigated the complicated relationship H2O2 and NO 

in endothelial cells, emphasizing the use of genetically encoded biosensors, HyPer7 and 

O-geNOp, to understand these dynamics. The chapter's comprehensive approach covers 

various aspects, from the historical context and development of geNOps to the 

optimization of live-cell imaging techniques and the impact of ambient oxygen conditions 

on redox biology. The findings showcased in this chapter not only enhance our 

understanding of H2O2 and NO interplay but also provide valuable insights into the 

broader implications of oxidative stress and redox signaling in vascular physiology and 

pathology. 

 

The chapter begins by tracing the history and development of geNOps, highlighting 

their significance in overcoming the limitations of traditional NO detection methods. The 

introduction of genetically encoded biosensors marked a significant advancement in 

redox biology, enabling real-time, intracellular measurement of NO. The ability of 

geNOps to provide reversible signals, unlike many conventional methods, makes them 

invaluable tools for studying dynamic processes within live cells. The successful 

development and application of these biosensors in our laboratory underscore their 

robustness and reliability in various experimental settings. 

 

In this chapter we also explored the acute and chronic effects of extracellular H2O2 

on NO signaling using a double stable cell line expressing both HyPer7 and O-geNOp. 

The study demonstrated that short pulses of H2O2 did not alter NO levels, emphasizing 

the transient nature of acute H2O2 exposure. However, chronic exposure to H2O2 resulted 

in significant changes in NO dynamics, particularly in basal NO levels. Cells exposed to 

chronic oxidative conditions exhibited elevated basal NO levels, irrespective of the H2O2 
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concentration (100 µM or 300 µM). These findings suggest that prolonged oxidative 

stress influences basal NO levels. 

 

Additionally, the chapter highlights the importance of investigating Ca2+ dynamics in 

cells chronically exposed to H2O2. The experiments revealed that chronic H2O2 exposure 

significantly increases basal intracellular Ca2+ levels, with higher H2O2 concentrations 

leading to greater resting Ca2+ accumulation. However, ATP-induced Ca2+ responses 

remained comparable across all conditions, indicating that the ability to mobilize Ca2+ in 

response to ATP is preserved despite chronic H2O2 exposure. 

 

The chapter further investigates the impact of localized intracellular H2O2 production 

on NO dynamics using mDAAO targeted to different cellular compartments (cytosol, 

nucleus, and mitochondria). The study found that chronic production of H2O2 in these 

compartments leads to significant increases in both basal NO levels and ATP-derived NO 

responses. This suggests that localized oxidative stress enhances the cells' responsiveness 

for NO production especially in the case of chronic nuclear oxidative stress, likely due to 

increased eNOS activity or expression. Interestingly, while chronic localized H2O2 

production elevated NO levels, the same effect was not observed in Ca2+ signaling, 

indicating that the primary influence of localized H2O2 can be eNOS phosphorylation and 

NO production rather than Ca2+ dynamics. 

 

A significant portion of this chapter focuses on the technical optimizations necessary 

for effective multiparametric imaging using HyPer7 and O-geNOp. The need to balance 

signal intensity, resolution, and acquisition speed is critical for capturing accurate and 

meaningful data. Our experiments demonstrated that the choice of camera binning setup 

significantly affects the signal-to-noise ratio (SNR). Specifically, the 4x4 binning setup 

provided superior SNR and faster signal acquisition compared to the 1x1 setup. This 

optimization is crucial for detecting endogenous signals, which are often present at lower 

concentrations than exogenously applied analytes. 

 



 113 

Moreover, our investigation into the effects of different imaging devices, namely 

widefield epifluorescence and spinning disk confocal microscopy, revealed that both 

techniques produce consistent results for HyPer7 and O-geNOp signals. This finding 

indicates that high-contrast imaging does not adversely affect the performance of these 

biosensors, thus providing flexibility in the choice of imaging platform based on 

experimental requirements. Additionally, our assessment of ambient temperature effects 

confirmed that both HyPer7 and O-geNOp maintain stable performance at room 

temperature and physiological temperature (37°C). This stability is essential for ensuring 

the reliability of these biosensors across various experimental conditions. 

 

The last section of Chapter 3 investigates the physiological relevance of ambient 

oxygen levels and their impact on H2O2 and NO dynamics. Our experiments comparing 

normoxia (5 kPa O2) and hyperoxia (18 kPa O2) highlighted significant differences in 

cellular redox balance and antioxidant capacity. Cells adapted to physiological normoxia 

exhibited lower basal levels of H2O2 and a higher scavenging rate, indicating enhanced 

antioxidant mechanisms. This finding is consistent with the fact that maintaining 

physiological O2 levels is crucial for optimal cellular function and redox homeostasis. 

 

In contrast, hyperoxia-adapted cells demonstrated higher basal H2O2 levels and a 

reduced scavenging rate, suggesting increased oxidative stress under these conditions. 

These observations underscore the importance of considering ambient O2 levels in redox 

biology studies, as variations in O2 concentration can significantly influence cellular 

responses and experimental outcomes. Moreover, the enhanced NO production observed 

in normoxia-adapted cells upon auranofin challenge further emphasizes the interplay 

between H2O2 and NO under physiological conditions. The use of L-NAME, an eNOS 

inhibitor, confirmed that the observed NO signals were indeed mediated by eNOS 

activity, highlighting the critical role of NO in vascular function and redox signaling. This 

finding was the first finding that demonstrate direct relationship between H2O2 and NO 

using genetically encoded biosensors. 
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The insights gained from this chapter have profound implications for our 

understanding of endothelial function and vascular health. The differential effects of 

normoxia and hyperoxia on H2O2 and NO dynamics suggest that oxidative stress and 

redox imbalance are closely linked to vascular pathologies. Conditions characterized by 

altered O2 levels, such as ischemia-reperfusion injury, chronic inflammation, and 

cardiovascular diseases, may benefit from therapeutic strategies aimed at restoring redox 

balance and enhancing NO bioavailability. Moreover, implications on in vitro studies are 

important because we directly showed that redox balance and dynamics changes when 

ambient O2 levels are physiologically suitable and provides information while studying 

H2O2 and NO dynamics.  

 

Furthermore, the ability to simultaneously measure H2O2 and NO in live cells using 

optimized imaging techniques provides a powerful tool for investigating the complex 

interactions between these molecules in real-time. This capability is particularly relevant 

for studying the acute and chronic effects of oxidative stress, as well as the role of redox 

signaling in cellular adaptation and resilience. By elucidating the mechanisms underlying 

redox regulation, we can better understand the cellular responses to oxidative challenges 

and identify potential targets for therapeutic intervention. 

 

While Chapter 3 provides a comprehensive overview of H2O2 and NO dynamics 

under varying conditions, several gaps for future research remain. One potential direction 

is the exploration of localized H2O2 production and NO or another redox pathology model 

that affect NO signaling under physiological normoxia. For instance, differential redox 

hotspots can provide additional insight on ROS and NO signaling. Additionally, the 

development of more advanced biosensors with enhanced sensitivity and specificity 

could facilitate the detection of these reactive species at even lower concentrations. 

 

In conclusion, Chapter 3 of this thesis has elucidated the intricate relationship between 

H2O2 and NO in endothelial cells, highlighting the importance of ambient O2 conditions 

and optimized imaging techniques. Although our findings are limited in terms of redox 

signaling and NO dynamics but in this study, we showed direct interaction of these two 
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molecules for the first time. The findings presented herein contribute to our understanding 

of redox biology and underscore the critical role of NO in vascular health. These insights 

are important for future in vitro research aimed at resolving the complexities of redox 

regulation. 

 

 

Materials and Methods 

 

Chemicals 

 

Dulbecco’s modified Eagle’s Medium (DMEM), 100 U/ml penicillin and 100 μg/ml 

streptomycin, Fetal Bovine Serum (FBS) and trypsin were purchased from Pan Biotech 

(Aidenbach, Germany). 100 μg/mL normocin was purchased from InvivoGen (San 

Diego, CA,USA). 2% HAT solution (Sodium Hypoxanthine (5 mM), Aminopterin (20 

µM), and Thymidine (0.8 mM)) was purchased from ATCC (Manassas, VA, USA). 

Polyjet transfection reagent was purchased from SignaGen Laboratories (Maryland, 

USA). 10 µg/mL Polybrene infection reagent was purchased from Sigma-Aldrich 

(St.Louis, MO, USA). CaCl2, KCl, NaCl, MgCl2, KH2PO4, NaHCO3, NaH2PO4, D-

Glucose were purchased from NeoFroxx (Darmstadt, Germany). 1 mM HEPES, 0.1% 

MEM Vitamins, 0.2% essential amino acids were purchased from Pan Biotech 

(Aidenbach, Germany). D-alanine was purchased from Alfa Aesar (Landau, Germany). 

FURA2-AM was purchased from Invitrogen ( Waltham, MA,USA). Auranofin, PEG-

Catalase, PEG-SOD and Earl’s Balanced Salt Solution (EBSS) were purchased from 

Sigma Aldrich ( St. Louis, MO, USA).  

 

Buffers and Solutions 

 

Live-cell imaging performed under HEPES-based buffer solution. Final 

concentrations of chemicals in this buffer are: 138 mM NaCl, 5 mM KCl, 2 mM CaCl2, 
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1 mM MgCl2, 10 mM D-glucose, 10 mM HEPES. Prior to experiments cell were stored 

in storage buffer solution for 1 hour. Final concentrations of each chemical in cell storage 

buffer are 138 mM NaCl, 5 mM KCl, 2 mM CaCl2, 1 mM MgCl2, 10 mM D-glucose, 10 

mM HEPES, 2.6 mM NaHCO3, 0.44 mM KH2PO4, 0.34 mM Na2HPO4, 10 mM D-

glucose, 0.1% vitamins, 0.2% essential amino acids, and 1% penicillin/streptomycin. 

Chemicals are used in live-cell imaging experiments were dissolved in live-cell imaging 

buffer solution. After preparation of solutions pH is adjusted to 7.42. For experiments 

performed under physiological normoxia buffers were kept under 5 kPa O2 at least for 3 

hours to balance O2 content 

 

Molecular Cloning and Plasmids 

 

Differentially targeted mDAAO constructs were amplified using primers (Table 2) to 

obtain PCR products to subclone mDAAO constructs to empty lentiviral transfer vector 

called pLenti-MP2 (Addgene #36097) from the XhoI and XbaI restriction sites. O-

geNOp-NES subcloned into pLenti-MP2 using XbaI and SalI restriction sites. 

 

Table 2:Primers used in subcloning of differentially located mDAAO constructs 

Name Sequence (5’-3’) 

XhoI-mCherry-FOR ataCTCGAGGCCACCATGGTGAGCAAGGGCG 

XbaI-mCherry-NES-REV ataTCTAGATTACAGGGTCAGCCGCTCCAGGG 

XhoI-Mito-mCherry-FOR ataCTCGAGGCCACCATGTCTGTTCTGACTCCTCT 

XbaI-Stop-mDAAO-REV ataTCTAGATTAGCTCTCCCTAGCTGCGCCG 

XhoI-mCherry-FOR ataCTCGAGGCCACCATGGTGAGCAAGGGC 

XbaI-NLS-REV ataTCTAGATTATACCTTTCTCTTCTTTTTTGGATCTACCT 
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Cell Culture and Lentivirus Generation 

 

Maintaining cells and production of lentivirus steps previously described in Chapter 

2. Double stable cells were generated via transduction of respective lentiviruses at the 

same time. 

 

 

Live-cell Imaging Experiments 

 

Widefield epifluorescence microscopy experiments were conducted using a Zeiss 

Axio Observer Z1.7 (Carl Zeiss AG, Oberkochen, Germany) equipped with a Plan-

Apochromat 20x/0.8 dry objective and a Plan-Apochromat 40x/1.4 oil immersion 

objective. The imaging system included a monochrome CCD camera Axiocam 503 and a 

custom-made gravity-based perfusion system. For HyPer7 imaging, alternating excitation 

was achieved with 423/44 nm and 469/38 nm LED lights via a motorized filter wheel 

containing FT455 (HyPer low) and FT495 (HyPer high) beamsplitters (BS). Emissions 

were collected using a single emission filter (BP 525/50) for ratio imaging. O-geNOp 

imaging was performed with 555/30 nm LED light excitation, using FT570 BS and a 

605/70 nm emission filter. For mDAAO imaging O-geNOp’s optical setup was used and 

for G-geNop imaging, HyPer High’s optical setup was used. The same optical setup was 

used for both mono-imaging and dual imaging of the two biosensors. Data acquisition 

and control were managed using Zen Blue 3.1 Pro software (Carl Zeiss AG, Oberkochen, 

Germany). Chemical provision and withdrawal were facilitated by an in-house gravity-

based perfusion system connected to a perfusion chamber (NGFI, Graz, Austria). 

 

Spinning disk microscopy experiments were carried out on a Zeiss Axio Observer.Z1 

equipped with a Yokogawa CSU-X1 (Tokyo, Japan) confocal scanner unit and Colibri 2 

light sources. The setup included an LD A-plan 20x/0.3 dry objective and two cameras: 

QuantEM:512SC (Teledyne Photometrics, AZ, USA) for confocal mode and AxioHrm 

for widefield measurements. HyPer7 signals were captured by exciting cells with a 488 
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nm laser and collecting emission at 509 nm in confocal mode. In widefield mode, cells 

were excited using 470/20 nm LED light, with FT495 BS and a 525/25 nm emission filter. 

For O-geNOp measurements, cells were excited with a 558 nm laser and emission was 

collected at 589 nm in confocal mode. In widefield mode, cells were excited using 550/12 

nm LED light, with FT570 BS and a 605/35 nm emission filter. A gravity-based perfusion 

system connected to the perfusion chamber was used for chemical provision and 

withdrawal. 

 

Temperature-controlled experiments were conducted using a Zeiss AxioObserver 

equipped with an LSM880 Confocal Laser Scan system. The microscope featured a 

PeCon on-stage incubator (Erbach, Germany) for maintaining and controlling ambient 

temperature. For HyPer7 excitation, 405 nm and 488 nm lasers were used, and a 543 nm 

laser was used for O-geNOp excitation, with a multibeamsplitter (MBS). Emissions were 

collected using a 32-channel GaAsp detector. Cells were imaged with a Plan-Apochromat 

20x/0.8 M27 objective. 

 

 For FURA imaging Zeiss Axiovert A.1 (Carl Zeiss AG, Oberkochen, Germany) 

equipped with a Plan-Apochromat 20x/0.8 dry objective and CoolLED (Andover, UK) 

p340e light source was used. The imaging system included a monochrome CCD camera 

Axiocam 503 and a custom-made gravity-based perfusion system. To image FURA 

signals obtained using 340nm and 380nm alternating excitation pass through FURA/GFP 

790004 filter set (Chroma, Bellows Falt, VT, USA). 

 

 Prior to live-cell imaging experiments cells were maintained under cell storage 

buffer. For O2 related experiments, PeCon on-stage incubator were used to keep O2 stable, 

and buffers were purged with 5% O2 95% N2 gas mixture. 

 

 For FURA experiments cells were loaded with FURA2-AM. 20 μl of FURA2-

AM mixed with 6 ml of DMEM and cells plated in 6-well plated were loaded with 1 ml 

of mixture for each well. After 15 minutes of incubation under RT, cells were washed 

with PBS three times and cell storage buffer was added for 30 minutes incubation. 
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 For geNOps experiment prior to experiments iron-loading was performed as 

indicated in ref 107. 

 

 

 

Long-Term Adaptation of EA.hy926 Cells in an Oxygen-Controlled Workstation 

 

For experiments requiring controlled oxygen levels, EA.hy926 cells that were 

stably transfected were cultured in monolayers for at least five days under conditions of 

either 5 kPa (physiological normoxia) or 18 kPa (hyperoxia) O2 in a Scitive dual 

workstation (Baker, USA). This adaptation period ensures that the cells achieve a 

physiological redox phenotype without the stabilization of HIF1-α [104], [108]. 

Continuously maintaining the cells within the workstation eliminates the need to handle 

them under atmospheric oxygen conditions in a laminar flow hood [106]. 

 

Oxygen-Controlled Plate Reader 

 

EA.hy926 cells were seeded in clear-bottom 96-well plates and pre-adapted for five days 

to either 18 kPa or 5 kPa O2 in the Scitive dual workstation. For real-time imaging of 

Hyper7 or O-geNOp, a time-resolved fluorescence plate reader (CLARIOStar, BMG 

Labtech) equipped with an atmospheric control unit was used. Pre-adapted cells were 

quickly transferred to the plate reader, which was gassed with 18 or 5 kPa O2 to replicate 

the oxygen levels during pre-adaptation. The excitation wavelengths used were 420/20 

nm (HyPer low) and 473/20 nm (HyPer high), with emissions collected at 521/25 nm. 

Acute treatments were administered to cells maintained under 18 or 5 kPa O2 using a dual 

injection system within the plate reader, applying the specified times and concentrations. 
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Data Analysis 

 

For the analysis of O-geNOp signals, background subtraction was carried out 

using Microsoft Excel. Basal fluorescence intensities were analyzed using a one-phase 

decay function in GraphPad Prism software, which normalized O-geNOp signals to 

100%. The raw fluorescence intensity is referred to as F, while the normalized 

fluorescence intensity is denoted as F0. The following formula was used to obtain 

normalized signal curves: 

∆𝐹 = G1 − J
𝐹
𝐹!
KL ∗ 100 

 

For the analysis of HyPer7 signals, background subtraction was also performed 

using Microsoft Excel. HyPer7 utilizes two excitation wavelengths and a single emission 

wavelength, referred to as HyPer low and HyPer high. The HyPer7 ratio was calculated 

by dividing the HyPer high signal by the HyPer low signal. Normalized HyPer ratios were 

obtained by normalizing these ratios to their basal levels. 

 

For the analysis of FURA signals background subtraction was also performed 

using Microsoft Excel. FURA has two excitation wavelengths and a single emission 

wavelength, referred to as F340 and F380. Ratio is calculated by dividing F380 to F340.  

 

Statistical Analysis 

 

Statistical analysis previously described in Chapter 2. 
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